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Abstract

Engineered nanomaterials (ENMs) are increasing becoming incorporated into consumer
products to imbue remarkable physical and chemical properties. The increased use of these
ENMs leads to a growing need to understand the environmental fate of ENMs after release.
Many ENMs, including Ag and Cu ENMs, have the potential to undergo complex physical and
chemical transformations which impact their toxicity, solubility and fate in the environment.
There is a lack of research characterizing the transformation rate and understanding how these

transformations affect interactions with organisms and the ultimate environmental fate.

The first objective of this thesis was to understand how transformations of Ag ENMs
affect the uptake, distribution and speciation of these materials in plants. Terrestrial (alfalfa,
Medicago sativa) and an aquatic (duckweed, Landoltia punctate) plant species were exposed
hydroponically to as manufactured (“pristine”) Ag’-NPs and more environmentally relevant
(“transformed”) Ag,S NPs. The uptake, spatial distribution and speciation of Ag were analyzed
using synchrotron based X-ray Absorption Spectroscopy (XAS) techniques to provide
mechanistic insights into the uptake of these ENMs. The reduced solubility and reactivity of
Ag,S ENMs was expected to prevent plants from solubilizing these particles and only allow for
direct uptake of particles. For the more soluble Ag species, the absorption of Ag* ions was
expected to be primarily the mechanism of Ag uptake. Although the total Ag associated with the
plants was similar, the Ag distribution in the roots was dramatically different. The transformed
ENMSs (Ag,S) appeared to be taken into the plant tissue as sulfidized ENMs. The pristine Ag’
ENMs were found to partially dissolve and incorporate into the plant tissue as both dissolved Ag

and Ag’-NPs. The fact that ENMs readily attach onto plant tissue regardless of speciation and

X



solubility suggests that exposure to ENMs may be controlled by factors affecting attachment to

root surfaces. However, internalization of Ag appears to be affected by solubility.

The second objective was to characterize the impact of transformations of Ag and Cu-
based ENMs on the distribution, speciation and fate of these materials in subaquatic sediments
and the aquatic plant, E. Densa in a simulated emergent freshwater wetland using large-scale
mesocosms. The exposure of pristine (Ag® and CuO) ENMs and their transformed analogues
(Ag2S and CuS) was compared to an ionic control (Cu(NOs3),) to determine if nanoparticulate
species of metals were distributed differently than their dissolved counterparts. The metal
speciation was determined using XAS to elucidate relative timescales of transformations. The
pristine ENMs were expected to rapidly transform into their more stable sulfidized species and
the uptake of Ag and Cu were expected to depend on the solubility of the ENMs.
Transformations of the pristine ENMs were found to be rapid (weeks) in the surficial sediment,
but slower (months) in the aquatic plant tissue. The uptake of ENMs coupled with the slow
transformation in the aquatic plant tissue suggests ENMs persist longer than the timescales
measured in sediments. This knowledge enables better risk forecasting for ENMs exposed to

aquatic organisms and informs toxicity testing to ensure correct forms of ENMs are examined.

This thesis provided several novel contributions to the understanding of how
transformations of ENMs affect their interactions with plants and their fate in real complex
environments. Mechanistic insights into the attachment and uptake of ENMs into plant tissues
were identified suggesting two predominant uptake pathways. Relative timescales of ENM
transformations in freshwater wetland sediments and plant tissue provided suggests plants can

slow transformations and allow labile ENMs to persist longer than assumed.



This work is dedicated to my grandparents,
Richard and Marjorie Stegemeier,
for providing the support and inspiration to pursue

a doctoral degree in engineering

X1



xii



Table of Contents

B I L0 Vo TSR i
(000] )Y/ [0 0| TSP PSP U PR PRURPPPO ii
ACKNOWIBAGEMENTS ...ttt b e bbbt %
N 011 =T OSSR IX
9 7=T o= U1 o] oSSR Xi
LI 0] L) O] 1 (=] ] SRR Xiii
(I A0} B 1= o] 5SSOSO XVi
LISE OF FIQUIES ..ottt bbbttt nb bt XVii
(@4 aF=T o) (= R Va4 0o [ Tox £ o] o SR R 1
1.1 Research Objectives and MOTIVALION ..........ccoiiiiiiieieiee e 4
1.2 APPIOACK .t bbbt bbbttt 7
1.3 DISSEItatiON OVEIVIBW ......coiuiiiiiiiiiiiieiiesiee sttt sttt sttt be et beenbe e e sneenbeeneenees 9
References fOr Chapter L.......ooii i 10

Chapter 2. Speciation Matters: Bioavailability of Silver and Silver Sulfide Nanoparticles to

Alfalfa (IMEdICAGO0 SALIVA) .......oiviriiiiiiiieieieie ettt b e bbbt eneas 15
2.0 ADSIIACE ..ttt ettt bttt R bttt R e e bt et e ene e nbe e b e e nre s 15
P20 I [ g1 oo [Uod o] o ISP PRTRPRR 16
2.2 IMBENOGS ...t ettt bttt bt et ne e nbe b neenne s 18

2.2.1 Silver Nanoparticle SYNtNESIS ........cccccveiiiieiieiece e 18
2.2.2 SUlfidation Of SHIVEI NPS .......ooiiiiiiie s 18
2.2.3 Characterization of NanomaterialS ...........cccooeviiiiiiiiiininceee s 19
2.2.4 EXposure t0 MediCago SALIVA ..........ccoveieiieiicie et 20
2.2.5 Sample Preparation for Silver Content, XRF, and TEM Analysis ............cccccveunnne. 20
2.2.6 XRF MEASUIBMENTS .....coiiiiiiieiieiiieeiee sttt nne e e nne e 22
2.3 RESUILS AN0 DISCUSSION ...uvieviiiiieiiesiesieesieaiesee s eseeseeseeeseesseeeesseesseeseeaseessaesesseesseensessenssens 23
2.3.1 Characterization of Ag-NPS and Ag2S-NPS .........cccoiiiiiniiieee s 23

xiil



2.3.2 Silver Concentrations in RO0Ots and ShOOtS.........ooovveeoeiiie 24

2.3.3 XRF MapPS OF ROOLS .....couviiiiiiiiiiisiisiisiee ettt 26
2.3.4 Microscopic Analysis of NPS in PIant TISSUES ........c.coovviriiiiineninenese s 31
2.4 Environmental IMPIICALIONS .........ooiiiiiiiii s 36
References fOr CRAPLEI 2 ..o 38

Chapter 3. Uptake and Distribution of Silver in the Aquatic Plant Landoltia punctata

(Duckweed) Exposed to Silver and Silver Sulfide Nanoparticles ...........cccccoevevieiiviicieennnn, 45
T 0 oL - Tod PRSPPSO 45
20 A 1011 oo [0 od o] o IR PRTPUPRTRPR 46
3.2 Materials and MELNOMS .........ooiiiiiiiiieie et nne s 48

T S V011 1] £ S PR PR 48
3.2.2 CharaCteriZatiON ........c.ccceeuiiieiieie ettt ees 49
3.2.3 Exposure of Duckweed to Ag® and Ag,S Nanoparticles .............cooeoeeerererenenne. 50
3.2.4 SHIVEN SPECIALION ....viiiiiieiic ittt ae e nreeaneas 51
3.2.5 SHVEr DIStIDULION ...c.vviiiiiiicie e 52
3.3 RESUILS ANT DISCUSSION .....viiiiiiiiieiie ittt sttt sttt e sbe e besreesbeeneesneenneas 52
3.3.1 CharaCteriZaAtION .........cccevuerierieiiiiiesieeeee ettt sttt reene s 52
3.3.2 Silver Concentrations N TISSUE ......ccvuieeeieriereniesiesiesiesieeeeee et sreeneenes 53
3.3.3 SHIVEI DISLIDULION ..o e 55
3.3.4 SHIVEN SPECIALION .. .eiveciecie ettt et sae e nrs 58
B4 IMPHCALIONS ..ttt e e et e e st e s te et e e ssesaaesseeneesteeneeanaennes 61
References fOr Chapter 3.........cov oot re e 63

Chapter 4. Effect of Speciation of Copper and Silver Engineered Nanoparticles on their

Fate in Simulated Freshwater IMESOCOSIMS ......cuiviieiriiiiieiiesie sttt seeneas 69
O A 1511 - Vo SRS 69
g I 1o oo [T 1 oo SR 70
4.2 Materials and MEtNOUS ........cuoiiiiieieciese et nneeneennes 73

4.2.1 SYNTNESIS OF NPS ...ttt 73
4.2.2 SUITIAAtioN OF NPS ..o 73



4.2.3 CharaCteriZation OF INPS ...oooeeeiieeeeeeeeeeeeeeeeee ettt e e e e e e eeeeeeeeereeeeeeeeeeeeeeeeeeeees 74

4.2.4 MesocoSm Setup and DOSING........coeiiriiiiieieiese sttt 75

4.2.5 X-ray ADSOrption SPECIIOSCOPY ....ccververieriirieeieieieste sttt st 77

A .3 RESUILS .o ettt ettt b et e nne e nnes 78
4.3.1 Nanoparticle CharaCterization ...........cooeiiiieiereneie e 78

4.3.2 MeS0COSM CharaCterization ...........ccccoeeiieieiieiierie e es 80

4.3.3 Metal CONCENTIALIONS .....coivieieiieiieeie ettt sreesaeeneenrs 81

4.3.4 Cu Speciation iN SEAIMENTS .........cooiiiiiiiiiee e 86

4.3.5 Cu Speciation in EQeria denSa..........cccviiieiieiiie it 88

4.3.6 Ag Speciation iN SEAIMENTS .....c.ociiiiiiiie e 92

4.3.7 Ag Speciation in EQeria denSa ........ccccoiveiiiiiie it 93

O [ 0o =14 o] PR OUUPOPPSPN 94
References fOr Chaper 4.... ... et e e sae e 95
Chapter 5. CONCIUSIONS .......ciuiiiiiiiieiee ettt b et 101
5.1 SUMMIAIY .ttt ettt bt e e s bt e e e Rt e e bt e e ekt e e e sbb e e nnbe e e nnbee e e 101
5.2 CONCIUSIONS ...ttt ettt bbbt bbb et et et bbbt beeneene e 102
ST o U A SRS 102

D22 PAIT 2 oottt ettt r et re s 104

5.3 FULUIE RESEAICN NBEUS........eeie ettt sttt esneeneeneesreenee e 106
Chapter 6. APPENICES ......veeiiieiiie ittt e b e e st e e beesrbeesreeanreenreens 111
6.1 Appendix A. Supporting Information for Chapter 2...........ccoeviiininieieieee e 111
6.2 Appendix B. Supporting Information for Chapter ... 125
6.3 Appendix C. Supporting Information for Chapter 4...........cccooveiii i i 133

XV



List of Tables

Table 3.1 Summary of the characterization of Ag® and AgzS NPS ......oo.oeeeeeeeeeeeeeeeeeeeereeeseen, 54
Table 3.2 Summary of the results from EXAFS linear combination fitting...........c.ccocevvivnnennnn. 61
Table 4.1 Summary of the characterization of CuO, CuS, Ag® and AgzS NPS ........cooevvervenennes 80
Table 4.2 Summary of the Cu XANES fits for the surficial sediment ............cccocceviviieviervennne. 88
Table 4.3 Summary of the Cu XANES fits for the Egeria densa tiSSUE ...........ccoocervrinininnnnnn. 91
Table 4.4 Summary of the Ag XANES fits for sediment and plant tisSUe ...........ccccceeververvennnne. 93
Table A.1 Summary of characterization 0f AQ NPS ... 120
Table A.2 Summary of size distributions of NPs and aggregates in cytoplasm.............cccccoeu..... 122
Table A.3 Maximum X-ray fluorescence counts associated with Agand S ..........ccccceeveriennene. 123
Table B.1 List of silver reference compounds used for LCF fitting of EXAFS spectra.............. 131
Table B.2 X-ray fluorescence Ag counts associated with XRF maps ........ccccoeevrveriieneniennennenn. 132
Table C.1 Summary of X-ray reference compounds used in XANES fitting..........cccccccevrvennnne 140
Table C.2 Summary of DLS characterization of Ag NPs in DI water..........c..cccceovveeveiineveennnn. 141
Table C.3 Reproduction of DLS characterization of NPS in mesocosm porewater .................... 142
Table C.4 Cu XANES fitting results for Egeria and surficial sediments............ccccocevveviieiinnen. 143

XVl



List of Figures

Figure 2.1 Total silver concentrations in roots and shoots of alfalfa plant tissue.......................... 25
Figure 2.2 Silver specific XRF maps of alfalfa roots exposed to Ag® and Ag,S NPs................... 27
Figure 2.3 Silver: Sulfur XRF maps of alfalfa roots............cccooiiiiiiniiiiic s 29
Figure 2.4 TEM images of alfalfa root CellS ... 33
Figure 2.5 Size distributions of NPs and aggregates identified in TEM images............cc.ccoevevenns 34
Figure 3.1 Silver specific XRF maps of duckweed roots exposed to Ag® and AgzS NPs ............ 58
Figure 3.2 Silver K-edge EXAFS spectra fitting of duckweed plant tiSSue ............c.ccoovvevvienenns 61
Figure 4.1 TEM images of CuO, CuS, Ag® and AgaS NPS ......cc.ovivieeeeeeeeeeeeeeeeseeeseees s, 79
Figure 4.2 Dissolved Oxygen, temperature, pH and ORP measurements in mesocosm............... 81
Figure 4.3 Copper concentrations in surficial sediment and Egeria densa tiSSUe ............cccccveee. 83
Figure 4.4 Silver concentrations in surficial sediment and Egeria densa tiSSue ...........c.ccocvevenee. 85
Figure 4.5 Copper K-edge XANES spectra fits foe sediment and plant tiSSue ...........c.cc.ceeveeennes 89
Figure A.1 Photograph of the alfalfa plants in their holders...........ccccovviiiiii e, 111
Figure A.2 Silver vs sulfur fluorescence counts for XRF iMages ........ccccvvvevieiiievieiiieesie s, 112
Figure A.3 TEM images and corresponding histograms for Ag NPS..........cccccvvvivieiieeiie s, 113
Figure A.4 X-ray diffraction spectra for AQ NPS ........cooiiiii i 114
Figure A.5 XRF maps for unexposed alfalfa roots............cccccceeviiiiiiiie i 115
Figure A.6 Map of silver in the cytoplasm of alfalfa root cells...........cccocvvviiieiiiccie, 116
Figure A.7 TEM image of unexposed alfalfa root cell ..............ccooveiiieiiiic e 117
Figure A.8 TEM/EDS of particles in the cytoplasm of alfalfa root cells .............ccccoeeveiiiiennnn 118
Figure A.9 Light micrograph image of alfalfa root ..............ccccoveiiiiiii i 119
Figure B.1 Image of duckweed growth chamber Setup .........ccccoeveiiiiiiiccecc e 125
Figure B.2 Zinc specific XRF maps of duckweed roots exposed to silver NPS............cccceenee. 126
Figure B.3 TEM images of Ag NP starting materials ...........ccoccoviiiiiiniineie e 127
Figure B.4 DLS size distribution and autocorrelation function for Ag NPS..........c.ccoovvivinnnnne. 128
Figure B.5 Ag and Zn specific XRF maps of upper roots and fronds ............ccoceceevvreriinnnnnnn. 129
Figure B.6 Microscale XANES spectra of Ag,S NP eXposed ro0tS.........cccvvveevvereseeseenieninnnnns 130

xvii



Figure C.1 Image of surficial sediment sampling deviCe ..........c.cooviiiiiiiiiii e, 133

Figure C.2 Depiction of sampling locations of surficial sediment ............cccccooiniiiiiiiniene, 134
Figure C.3 X-ray diffraction pattern for CuO, CuS, Ag® and AgzS ENMS ........ccccovvervvrrvnrenne, 135
Figure C.4 Additional TEM images Of CUS NPS........cccooiiiiiiiiiieieeee e 136
Figure C.5 Seasonal temperature and rainfall data for mesocosm ..........cccccoeeienininenininnnenen, 137
Figure C.6 Oxygen profile curves for surficial sediment interface ...........cccocoeniiiiiiiiiiienn, 138
Figure C.7 Images of mesocosms at SAMpPliNg EVENES ..........ccooeiiiiiinieiieieesese e 139

xXviil



Chapter 1

Introduction

Engineered nanomaterials (ENMs) are materials manufactured to have at least one
dimension on the nanoscale (less than 0.1um). Their small size can imbue products with novel
properties compared to their larger sized counterparts having the same chemical composition.
As such, they are increasingly being incorporated into consumer products to enhanced product
performance.’ Silver-based ENMs are currently being utilized in a vast array of products
(Iotions, textiles, plastics) primarily for their antimicrobial properties.>* Their inevitable release
into waste water streams results in these materials becoming an emerging class of environmental
pollutant.>® ENM:s incorporated into both industrial and consumer products can be released into
the environment through many routes including waste water treatment plant (WWTP) effluents
being discharged directly into freshwater ecosystems,” application of nano-contaminated
WWTP biosolids onto agricultural crops or direct input of ENMs through the application of
nano-enabled pesticides, fungicides and bactericides on crops.***® Copper-based ENM (Certis™
Kocide 3000) are currently being applied directly onto agricultural crops for anti-microbial and
anti-fungal benefits. Runoff from these agricultural fields contaminated with ENM are projected
to contaminate fresh water wetlands.'” If enough copper accumulates in freshwater wetlands, it
may become toxic to aquatic organisms including fish and plants.®*?° It is also unclear if the
nanoparticulate forms of these metals will behave differently than soluble forms of the metals,

leading to unanticipated environmental effects.



Engineered nanomaterials undergo a number of complex processes in the environment
including physical (aggregation, attachment, adsorption and transport) and chemical (dissolution,
sulfidation and speciation changes) transformations, and interactions with organisms (cellular
attachment, uptake and trophic transfer).”>* Better understanding of these processes, and how
these transformations affect the interactions between ENMs and the ecosystem is needed to

accurately predict the ultimate fate and effects of ENMs in the environment.

Interactions between ENMs and plants, especially aquatic macrophytes, are particularly
important because of their critical role in terrestrial and aquatic ecosystem health and function.
They are energy producers, food sources and provide shelter and dissolved oxygen for many
other organisms. Terrestrial plants are exposed to biosolids and nano-fertilizers when they are
applied to agricultural crops, and aquatic plants are exposed through the runoff of agricultural
fields into freshwater ecosystems. ENMSs can enter plant tissues and are reported to exhibit a
variety of different ecological responses such as reduced biomass, inhibition of growth rate,
decreased leaf cover and inhibition of root nodulation.**?"* Additionally, these plant-ENM
interactions are important because there is a significant potential for trophic transfer and
bioaccumulation, which will contaminate the human food web in the case of terrestrial plants and

ecological food webs with contaminated aquatic plants.

The majority of current research focuses primarily on the interactions between as-
manufactured or “pristine” ENM with plants and on their behavior in ecosystems, although

ENMs are known to readily transform in the environment.?* Many of the exposure routes



discussed above will induce transformations in ENMs before these materials enter the
environment and interact with plants.*® These transformations can affect the physical and
chemical properties of the ENMs relevant to exposure and effects, e.g. solubility and aggregation
state, but it is still unclear on what timescale these transformations take place and the magnitude
of their effect on the physiological interactions and the potential to upset the ecosystem.
Sulfidation of soft metal cationic metals are known to be an important and potentially rapid
transformation leading to the production of stable metal sulfides.?* Metal sulfides are generally
less soluble and less reactive than their metal or metal oxide counterparts suggesting they will
behave differently in the environment.* Although many recent studies have investigated the
interactions between plants and pristine ENM, there remain significant knowledge gaps
concerning the rate of transformations and the effects certain transformations, like sulfidation,

will have on the interactions of ENM with plants.

This thesis evaluates a number of hypotheses and the following chapters provide

evidence to determine their validity.

e Due to many physical barriers in plant tissues, metal ions will more readily associate with

and become incorporated into plant tissue than either pristine or transformed ENM:s.

e Because metal sulfide analogs of metal ENMs generally have lower solubility and
reactivity, they will less readily associate with and incorporate into plant tissue than their

pristine metal and metal oxide counterparts.



e The metal distribution in plant roots will be affected by the sulfidation of ENMs. The
decreased solubility of the transformed ENMs will result in reduced nanoparticle

dissolution and less uniform metal distribution.

e Metal sulfide ENMs, being less soluble and less reactive than their pristine counterparts,

will resist solubilization and persist as metal sulfide in the plant tissue.

e Timescales of transformation (e.g. sulfidation) for metallic silver and copper oxide will
be relatively rapid (weeks to months) while the metal sulfides are expected to persist as

metal sulfides.

Research Objectives and Motivation

The ultimate goal of this research was to determine how transformed ENMs, mainly less
soluble sulfidized analogues of pristine metal and metal oxide ENMs, interact with plants and
distribute in a freshwater wetland environment. This requires exposing ENMs and their
transformed products to plants (hydroponically) and simulated freshwater wetlands, and
identifying the key differences in plant uptake, metal distribution, speciation and fate. The

specific objectives of this research were to:

1. Quantify the differences in metal uptake between Ag® and Ag,S NPs into plant tissue,
compare this uptake to an ionic control (AgNO3) and determine any effects of the

initial characteristics of the ENMs on the overall uptake and distribution in the plants.



Silver ENMs have been shown to associate with plant tissues in laboratory and
mesocosm studies. Metallic silver ENMs can undergo oxidative dissolution and release Ag+
ions when in the presence of dissolved oxygen. Silver ions are expected to be more available to
plant root tissues than ENMs due to size restrictions of the root pores. Since the Ag,S NPs are
much less soluble than the Ag® NPs, the Ag,S NPs are expected to only be able to attach onto the
root surface and be absorbed directly as NPs while the Ag® NPs can attached and dissolve into

ions which are taken up more readily internalized than the NPs.

2. Investigate the spatial distribution of silver in plant roots exposed to Ag® and Ag,S
NPs, compare this distribution to the ionic (AgNOs3) treatment and provide
mechanistic insights into the binding and uptake of ENM to terrestrial and aquatic

plants.

The physical barriers at the root surface, such as mucilage and the pores in cell walls, can
facilitate NP attachment and prevent internalization into the root’s vasculature system. Ionic
silver easily enters the vasculature system of plant roots and distributes relatively uniformly
throughout the root tissue. The less soluble ENMs are expected to attach onto the root surface
and display a significantly different distribution pattern (less uniform with discrete clusters) than
the ionic or more soluble metal ENMs. The more soluble ENMs (Ag®) will likely show a
combination of the Ag,S and the ionic Ag distributions, displaying both discrete clusters and

uniform distribution. The Ag distributions can provide mechanistic insights into the uptake of



ENMs into plants indicating whether adsorption followed by direct NP uptake or dissolution

followed by ionic uptake are the predominant mechanism of silver uptake into plants.

3. Determine the relative timescales of change in the speciation of metals in the surficial
sediment layer of realistic mesocosm exposed to Ag®, Ag,S, CuO and CuS ENMs and
determine the impact of the initial form of metal ENM had on these timescales and

overall metal speciation in this layer.

Transformations in sediments are important parameters in environmental fate models
used to forecast risk of ENM exposed to the environment. The transformation of Ag® and CuO
into their corresponding metal sulfides is expected to be the major transformation in the surficial
sediments due to the likely presence of reduced sulfur. The metal sulfide ENMs are expected to
be significantly less labile and either not transform or have a very slow rate of transformation.
Obtaining an accurate and realistic timescale of transformations in the sediment and in plant

tissues are essential to inform these models.

4. ldentify timescales of changes in the speciation of metals in plant tissue after being
exposed to Ag’, Ag,S, CuO and CuS ENMs, and determine the effect of initial metal

speciation on the transformation in plant tissues.

Plant defense mechanisms transform metals mainly through complexation with proteins
and amino acids. Metal complexation with glutathione and other sulfur containing physiologic

molecules are expected to play a major role in the fate of metals internalized by plants. Metal



sulfides may be so stable and inert that the plant responses cannot alter the sulfidized ENMs
leading to very little change in the speciation. The stability and low solubility of metal sulfides
are expected to remain as metal sulfides or employ a very slow transformation rate compared to

the more labile pristine counterparts.

Approach

In order to characterize the differences between the interactions of pristine and
transformed ENM in terrestrial plants likely to be exposed to ENMs, alfalfa were grown and
exposed hydroponically to silver, silver sulfide and ionic silver (as silver nitrate). Total silver
metal concentrations were investigated in the roots and shoots of the plants to determine the
extent of translocation of silver from the roots to the above ground tissues. The roots were also
investigated using X-ray fluorescence (XRF) spectroscopy to spatially map the silver distribution
in the roots after exposure. Roots were thin-sectioned, fixed, and investigated using transmission
electron microscopy (TEM) to determine the presence of nanomaterials in the root cells as well

as any physiological differences.

In order to characterize the interactions between aquatic plants and ENMs (both pristine
and transformed), a common plant found in freshwater ecosystems, duckweed plants, were
hydroponically exposed to silver, silver sulfide and ionic silver (as silver nitrate). Total silver
metal concentrations were measured in the dried plant tissue to determine differences in the
uptake of silver between treatments. The roots were mapped using XRF spectroscopy to

determine the spatial distribution of silver in the roots. Finally, dried plant tissue was



investigated using X-ray absorption spectroscopy (XAS) to determine the speciation of silver

associated with the plants and identify any changes induced by the plants.

Once the uptake mechanism was observed in well-controlled laboratory systems more
realistic exposures were examined. In order to identify the key differences between pristine and
transformed ENMs and their interactions in realistic freshwater ecosystems, five large scale
mesocosms were dosed with Ag, Ag,S, CuO or CuS NPs to assess if initial speciation of metal
NP entering the wetland affects their fate and behaviors. Total silver and copper metal
concentrations were determined in an aquatic plant (Egeria densa) and the surficial sediment
layer to determine the relative amount of metal associated with each compartment. The
speciation was investigated using XAS techniques at multiple time points to determine a relative

timescale of transformation in each compartment and compare between treatments.

Dissertation Overview

This dissertation consists of five chapters and an appendix. The experimental work,
which has either been published or submitted to the peer review journal Environmental Science

and Technology is presented in chapters two, three and four.

Chapter 1 introduces the research, provides a brief background and context of the
research, outlines the major objectives and general approaches to achieve these objectives and

provides a summary of the additional chapters.



Chapter 2 presents research conducted on the hydroponic uptake of metallic silver and
silver sulfide nanomaterials into the terrestrial plant alfalfa (Medicago sativa). The spatial
distribution of silver is investigated and insights into the mechanism of metal uptake are
provided. Direct evidence of cellular uptake of nanoparticles along with microscale physiologic

responses of the plants is observed.

Chapter 3 presents research concerning the uptake and distribution of metallic silver and
silver sulfide ENMs into a common aquatic plant, duckweed (Landoltia punctata). The silver
distribution in the roots is compared with dissolved silver and differences in the silver
distribution are shown as a function of solubility. The silver speciation and distribution in the
plant tissue is shown to be affected by the species of ENM dosed suggesting direct uptake,

dissolution and transformations are taking place.

Chapter 4 presents research exposing copper oxide, copper sulfide, metallic silver and
silver sulfide nanomaterials to realistic simulated freshwater mesocosms containing an aquatic
plant, Egeria densa. The silver and copper speciation was investigated in both the plant tissue
and the surficial sediment layer and compared between treatments. Relative timescales of
transformations for each treatment were identified and differences between the speciation of

metal in sediment and plant tissues are discussed.

Chapter 5 provides the conclusions of the research and discusses the implications of this
research on the overall scientific field. This chapter also discusses significant knowledge gaps

which still remaining and suggests potential directions of future research.



The appendices provide additional experimental data published in the supporting

information of chapters 2, 3 and 4.
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Chapter 2

Speciation Matters: Bioavailability of Silver and Silver Sulfide Nanoparticles to Alfalfa
(Medicago sativa)®

2.0 Abstract

Terrestrial crops are directly exposed to silver nanoparticles (Ag-NPs) and their
environmentally-transformed analog silver sulfide nanoparticles (Ag.S-NPs) when wastewater
treatment biosolids are applied as fertilizer to agricultural soils. This leads to a need to
understand their bioavailability to plants. In the present study, the mechanisms of uptake and
distribution of silver in alfalfa (Medicago sativa) were quantified and visualized upon
hydroponic exposure to Ag-NPs, Ag,S-NPs, and AgNOs; at 3 mg total Ag/L. Total silver uptake
was measured in dried roots and shoots, and the spatial distribution of silver was investigated
using transmission electron microscopy (TEM) and synchrotron-based X-ray imaging
techniques. Despite large differences in release of Ag® ions from the particles, Ag-NPs, Ag,S-
NPs, and Ag" became associated with plant roots to a similar degree, and exhibited similarly
limited (<1%) amounts of translocation of silver into the shoot system. X-Ray fluorescence
(XRF) mapping revealed differences in the distribution of Ag into roots for each treatment.
Silver nanoparticles mainly accumulated in the (columella) border cells and elongation zone,
whereas Ag* accumulated more uniformly throughout the root. In contrast, Ag,S-NPs remained

largely adhered to the root exterior, and the presence of cytoplasmic nano-SixOy aggregates was

! Originally appeared in June 2015 issue of Environmental Science and Technology. Coauthors include Fabienne
Schwab, Benjamin P. Colman, Samuel M. Webb, Matthew Newville, Antonio Lanzirotti, Christopher Winkler,
Mark R. Wiesner, and Gregory V. Lowry.

15



observed. Exclusively in roots exposed to particulate silver, NPs smaller than the originally
dosed NPs were identified by TEM in the cell walls. The apparent accumulation of Ag in the root
apoplast determined by XRF, and the presence of small NPs in root cell walls suggests uptake of

partially dissolved NPs and translocation along the apoplast.

2.1. Introduction

Silver nanoparticles (Ag-NPs) are used in many commercial products due to their anti-
microbial properties. Inevitably, a portion of these nanomaterials, often in the form of the
sulfidized transformation product Ag,S-NPs, flows into wastewater treatment plants’™ and
ultimately exits with the biosolids leaving the treatment plants.**> In many countries, biosolids
are applied to agricultural feed crops as fertilizer, providing a potential entry point into animal
and human food chains.*®®

Current research has focused on the bioavailability and toxicity of Ag” ions and/or Ag-

10,11

NPs to many types of organisms including bacteria,” animals,'®'* and plants."*** Ag-NPs have

15,16 7

been observed in plant tissue accompanied by effects such as growth inhibition,"” cell
erosion®® and growth stimulus (hormesis) at subacute concentrations.”® Distinguishing the
mechanisms of Ag uptake and assessing the biodistribution of Ag in plants are confounded by
the ability of some plants, including agriculturally important legumes such as Medicago sativa
(alfalfa), to produce metallic Ag-NPs in their tissue via a natural reduction process after being
exposed to elevated concentrations of Ag* ions.?*?®

The uptake of bulk or particle Ag® or Ag,S by plants may be a result of (active)
dissolution and Ag ion uptake. Many plant species are known to exude organic ligands into the

acidic rhizosphere to solubilize metals used as essential nutrients for plant growth.?** These and

other root exudates, particularly thiols, can alter the NPs before direct uptake due to changes in
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pH and/or metal complex formation. On one hand, NPs that are normally insoluble, including
Ag,S-NPs, can potentially dissolve in the rhizosphere.?®*” On the other hand, interactions
between plant root exudates and NPs may reduce the metal bioavailability, as has been shown for
ZnO, CeO, and TiO,, where large NP concentrations adsorbed onto the root surface are
associated with limited NP uptake and translocation.?®** Elucidating the mechanism of Ag-NPs
and Ag,S-NPs uptake by plants remains challenging because, among other things, it requires
mapping of elements at um- to nm-resolution.

Although Ag,S-NPs are more environmentally relevant than Ag-NPs, there remains little
research devoted to the uptake of Ag,S-NPs by plants.”** Relative to Ag-NPs, Ag,S-NPs
possesses an increased thermodynamic stability and release less Ag™ ions (Ag:S>2Ag" + s%,
Ksp:6-8><10'51).35'36 Because the mechanism of Ag uptake by plants may in part be governed by
the solubility of the silver compound,®® Ag,S-NPs can be hypothesized to exhibit lower
bioavailability and toxicity. Indeed, Ag,S-NPs are less toxic than Ag-NPs to many organisms.>*
% However, despite the transformation of Ag-NPs into Ag,S in wetland sediments, silver
remained bioavailable to invertebrates, fish, and aquatic and terrestrial plant roots and, to a lesser
extent, plant shoots.”>** For plants, this suggests that Ag,S-NPs may either be taken up directly
by plants as intact nanoparticles (NPs), or by Ag,S-NP oxidation, dissolution, and subsequent
silver ion uptake. Alternatively, much of the silver associated with those plant roots may simply
be AQ,S-NPs adsorbed to the root surfaces, as the distribution of Ag in root tissue was not
determined.

The main goals of the present study were to a) quantify the differences in uptake of Ag",
Ag-NPs, and Ag,S-NPs in alfalfa (Medicago sativa) grown hydroponically, and then b)

qualitatively elucidate and compare the mechanisms of uptake of these three forms of silver. We
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used electron microscopic and X-ray fluorescence techniques to investigate the uptake,

distribution, and speciation of silver in alfalfa.

2.2. Methods

2.2.1 Silver Nanoparticle Synthesis

Two batches of Ag-NPs coated with polyvinylpyrrolidone (PVP) were synthesized using
a protocol adapted from previously published methods.™ Briefly, 1.5 g of PVP (1000 g/mol) was
added to 280 mL of deionized water. Nine milliliters of 0.10 M AgNO3 was added and stirred for
five minutes. Eleven milliliters of ice-cold, 0.08 M NaBH, was added rapidly while mixing. This
suspension was then split into two aliquots, one for the Ag-NPs treatment and the other to be
sulfidized to produce Ag,S-NPs. One aliquot of the Ag-NPs was washed three times by
removing the NPs from solution using an ultracentrifuge operating at 50,000 xg for 30 min,
decanting the supernatant and re-suspending the NPs in deionized water via a sonicating probe
(Branson Model 250 at power level 3 for one minute). The decanted supernatant was retained for
comparative purposes and to rule out toxicity of soluble reaction byproducts or PVP in
hydroponic dosing of a subset of plants. The second aliquot of Ag-NPs was directly sulfidized

with Na,S to create Ag,S NPs in the presence of PVP as described next.

2.2.2 Sulfidation of Silver NPs

The Ag-NPs were sulfidized using a direct sulfidation process as described in detail
elsewhere.®® The Ag-NPs were exposed to dissolved oxygen and reduced sulfur simultaneously.
Nine milliliters of 0.1 M Na,S were added to one of the batches of fresh Ag-NPs to provide a
S:Ag molar ratio of 2:1. This four times stoichiometric excess of S was used to ensure complete

sulfidation and to account for inevitable sulfide loss due to H,S outgassing and oxidation to
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sulfate. Aquarium air pumps fastened with pipet tips provided the source of dissolved oxygen
required for Ag dissolution and sulfidation.** These particles were allowed to react for one week
at room temperature while maintaining a constant volume via daily additions of deionized water.
These Ag,S NPs were then washed using the same procedure as for the Ag-NPs, and the
supernatant was collected from the final wash and retained for subsequent dosing of a subset of

plants.

2.2.3 Characterization of Nanomaterials

Aliquots from each batch (i.e. Ag-NPs and Ag,S-NPs) were separated and characterized.
Particle hydrodynamic diameter was determined by dynamic light scattering (DLS) in 3 ppm
nano-Ag dispersions in deionized water directly after washing using a Zetasizer Nano ZS
(Malvern, UK). Dried samples of the washed NP suspensions were analyzed using an X-Radia
XRD (X'Pert Pro MPD X-ray diffractometer operating with a Cu K-o X-ray source) and the
crystal structure determined through peak matching using X’pert Highscore Plus. Aliguots of the
fresh samples were dried on formvar coated copper grids and imaged on a TECNAI G® Twin
(FEI, Hillsboro OR, USA) transmission electron microscope (TEM). Dissolution of the Ag-NPs
and Ag,S-NPs was determined by suspending the NPs at 3 ppm Ag in plant growth medium (half
strength Hoagland’s medium®) that was aerated using an aquarium pump for 5 days. The
fraction of silver passing a 0.025 um nitrocellulose filter paper was quantified by adding
concentrated nitric acid to the filtrates, and measuring the total silver in the resulting solutions
using inductively coupled plasma - mass spectroscopy (ICP-MS). This kind of ultrafiltration
does not necessarily result in complete removal of the nanoparticles.**** The “filterable silver”
measured in this study only served for comparative purposes between the two particles in a

complex medium.
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2.2.4 Exposure to Medicago sativa

Alfalfa seeds (Medicago sativa) were cleaned, sprouted, and transferred into specially
designed hydroponic growth containers as shown in Figure A.1 (Appendix A) to prevent
unintentional exposure of the stems and the leaves to the dosed growth medium. The root
compartment containing the NP suspensions was protected from light irradiation by an aluminum
foil cover. Glass marbles were added to the root compartments to reduce the required volume of
NP suspension and to provide a structure to promote root stability. The silver solution or
suspension of NPs was added to the growth medium in the containers and was not renewed for
the duration of the experiment. Aquarium air diffusers were used in all cases with the goal of
supplying dissolved oxygen to the medium and maintaining NPs in suspension. Four replicate
containers per treatment, each containing five alfalfa sprouts (i.e. 20 sprouts/treatment), were
exposed to six treatments including a control with only the growth medium, silver ions added as
AgNOs3, Ag-NPs, or Ag,S-NPs (each containing 3 mg total Ag/L), and two treatments exposed to
the supernatants (last washing step) of the NP suspensions to assess the potential toxicity of
particle leachate or reaction byproducts. This exposure concentration was selected to ensure
sufficient Ag in the roots for X-ray mapping without being acutely toxic to the plants. Samples
were grown in a growth chamber illuminated by continuous cool fluorescent light (150 umol
photons m™? s?) at 25 °C. The plants were harvested after six days of exposure and rinsed

thoroughly with deionized water prior to preparation for elemental analysis.

2.2.5 Sample Preparation for Silver Content, XRF, and TEM Analysis
The harvested alfalfa plants were immediately sectioned for TEM analysis. A portion of
the roots and shoots from each treatment was dried, weighed and digested with hydrogen

peroxide, concentrated nitric acid and concentrated hydrochloric acid for analysis® of the total

20



silver content using a PerkinElmer 3100 flame atomic absorption spectrometer (PerkinElmer,
Waltham, Massachusetts, USA).

Roots of fresh alfalfa plants were also prepared for low-energy (Ag L-edge) and high-
energy (Ag K-edge) XRF mapping and TEM imaging following standard procedures.*®*’
Briefly, specimens were cut off the living plant while immersed in a 0.1 M phosphate buffered
3.0% glutaraldehyde pre-fixative solution (pH 7.0) Inter- and intracellular gas bubbles were
eliminated by applying a gentle vacuum to the immersed specimens.*” Subsequently, the
specimens were allowed to sit in the pre-fixative at room temperature for 2 hrs, and then at 4 °C
overnight. Next, they were fixed in 1% OsO, for 2 hrs, washed using 0.1 M phosphate
buffer (2x10 min), and dehydrated using a 30, 50, 70, 90, 95, 4x100% EtOH series (15-20 min
each). Finally, the specimens were embedded in a series of mixtures of EtOH and Spurr's resin*
progressing from EtOH:resin ratios of 2:1, 1:1, 1:2, and then 3x100% Spurr resin (each step 5-
14 h, last step overnight), then cured at 60 °C for 24 h, and sectioned using an ultramicrotome.
The thin sections obtained were placed on hexagonal copper grids for TEM analysis on a
TECNAI G? Twin (FEI, Hillsboro OR, USA). The same grids were used to study elemental
composition of selected electron dense particles in cells by TEM combined with energy-
dispersive X-ray spectroscopy (TEM-EDS) at 200 kV on a JEOL 2100 S/TEM (JEOL Inc.,
Peabody MA, USA).

Roots for XRF mapping were chemically fixed as described above, except that the EtOH
series was stopped at 70%,*" and the samples were stored in 70% ethanol in darkness until
analysis to ensure preservation of the cell structure during storage (<4 d). For K-edge XRF

mapping, all specimens were sealed inside a polyimide tape window in the presence of storage
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solution to prevent drying. The samples for L-edge XRF mapping were mounted in air adhered

on a polyimide tape due to the shallow penetration depth of softer X-rays.

2.2.6 XRF Measurements

Silver K-edge (25,514 eV) XRF mapping was conducted to spatially determine the silver
distribution in the root. Ethanol preserved samples were analyzed at room temperature at the
Advanced Photon Source (APS)’s beamline IDE-13, which provided a 1x2 um spot size X-ray
microprobe. The roots were mounted at a 45-degree angle relative to the incident beam, and a
four-element fluorescence detector was positioned normal to the incident beam. The samples
were rastered across the incident X-ray beam (28,000 eV) with a 2 pum stepsize and 100 ms dwell
time per pixel. This loss of dimensional information implies that variations in root thickness may
cause the Ag signal from the center of the root to appear artificially high. We considered this in
the interpretation of the maps of the present study. The silver Koy fluorescence peak (22,163
eV) was used to generate the silver specific maps.

Lower energy X-ray mapping was used to spatially resolve any correlations between
silver and lighter elements (primarily sulfur). Samples stored in ethanol were immediately run at
Stanford Synchrotron Radiation Lightsource's (SSRL) beamline 14-3 at room temperature, which
provided a 5x5 pum spot size at 3400 eV, sufficient to excite silver's L(111) edge (3351 eV). The
samples were analyzed using the 45-degree geometry and a single fluorescence detector (\VVortex
model) normal to the incident beam housed in a sample chamber under a He atmosphere. The
silver La fluorescence peak (2,984 eV) was used to generate the Ag maps, while the sulfur Ka
fluorescence peak was used to generate sulfur maps. The correlation between number of counts
associated with silver versus sulfur (Figure A.2) were used to generate masked regions

associated with relatively high, medium, and low Ag:S count ratios.
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Lower energy X-rays are more easily absorbed and have a very short X-ray penetration
depth. The root samples analyzed were significantly thicker than the penetration depth of the
beam (~75 um of water and ~50 um in ethanol at 3400 eV), which is much shorter than the root
samples analyzed. The fluoresced photons, having lower energy and even shorter penetration
length thus primarily mapped elements near the root surface. Due to the thickness of the roots
and the 45-degree geometry, a minor shadowing effect was noticed on the tape background
immediately to the side of each root. Additionally, due to the relatively narrow energy range
between fluorescence peaks of light elements, overlap of fluorescence signals results in some
degree of autocorrelation between near elements. Neither shadowing nor correlation of adjacent
elements in fluorescence energy was found to notably affect the results. Argon traces (2,957 eV)
in the helium caused a uniform background signal of one hundred silver (2,984 eV) counts

(Appendix A, Figure A.5).

2.3. Results and Discussion

2.3.1 Characterization of Ag-NPs and Ag,S-NPs

The median primary particle size of the synthesized NPs as determined by TEM
was 6.3 and 7.8 nm for Ag-NPs and Ag.S-NPs respectively (TEM micrographs and size
distribution histograms are shown in Figure A.3 in Appendix A). Dynamic light scattering
measurements in the growth medium showed that the particles were well dispersed in the growth
medium, as the hydrodynamic diameter for the Ag-NPs and Ag,S-NPs was 11.6+2.9 nm and
16+13 nm, respectively (Appendix A, Table A.1). X-Ray diffraction (XRD) measurements
confirm the crystalline structure as metallic silver for the Ag-NPs and acanthite for the Ag,S-NPs

(Appendix A, Figure A.4).*® Significant peak broadening in the Ag,S-NPs suggests that the Ag,S
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formed is polycrystalline with very small crystallite size, which is a common phenomenon for
Ag nanoparticles in this size range.”® The electrophoretic mobility of the particles in growth
medium was -1.526+0.024 and -1.73+0.10 um cmV's™ for Ag-NPs and Ag,S-NPs, respectively.
This corresponds to a zeta potential of -19.50 +0.29 and -22.1 1.3 mV, respectively, as
calculated from the Henry equation. The relatively high charge is consistent with the stability of
the particle suspensions against aggregation After five days in aerated growth medium, 0.65 mg
Ag/L (~22% of the 2.9 mg/L total) was found to be filterable for Ag-NPs, and 0.07 mg Ag/L
(~2% of the 2.8 mg/L total) was filterable for Ag,S-NPs. This is in agreement with Levard et al.,
who found almost one order of magnitude more dissolved silver in Ag-NPs than in Ag,S-NPs

suspensions. ¥’

2.3.2 Silver Concentrations in Roots and Shoots

The silver concentrations associated with the alfalfa roots and shoots from the four
treatments (control, AgNO3, Ag-NPs, Ag,S-NPs) are shown in Figure 2.1. These values include
all Ag that was associated with the plants (internalized and external) after collection and rinsing

with deionized water as described in the methods section.
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Figure 2.1: Total silver concentrations in dried alfalfa plants roots (bottom) and shoots (top) after
six days of hydroponic exposure. Note the y-axis values are two orders of magnitude higher for
the roots (bottom) compared to the shoots (top). The data are presented as averages + standard
deviation. Significant differences (based on ANOVA and Tukey HSD post-hoc tests on log
transformed data) are indicated by different letters with shoots indicated by uppercase letters and
roots by lowercase letters.

A majority (~99%) of the plant-associated silver was sequestered on/in the roots of
alfalfa irrespective of the form of silver introduced. The silver concentrations associated with the
roots exposed to Ag,S-NPs (1,720+231 mg kg™ dry weight), Ag-NPs (2,157+727 mg kg™) and
the soluble AgNOs (2,043+615 mg kg™) were not significantly different from one anther but
were significantly higher than the controls (ANOVA with Tukey HSD post-hoc test). These root
measurements included both sorbed and internalized NPs or Ag®. The accumulation of silver in
plant tissue many fold times higher than the exposure solution has been observed.® Other studies
using elevated Ag concentrations have shown a lower silver concentration in the plant tissue than

the exposure solution for alfalfa and zucchini.”** The alfalfa shoots contained ~1% or less of the
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total plant associated Ag, indicating that little of the root associated Ag was translocated into the
shoots regardless of the form of the Ag presented to the plants. This is consistent with prior
studies with short exposures showing higher recoveries in roots compared to shoots.*” In long
term studies, plants can accumulate more of the total silver in the aboveground tissue.’*
Differences in shoot Ag concentrations between NP-exposed treatments and the AgNO; control
were not statistically significant, but were all significantly higher than the unexposed control
plant (ANOVA with Tukey-HSD post-hoc test). It is noteworthy that the concentration of silver
translocated into the aboveground tissue for Ag,S-NPs was comparable to AgNO; despite the
low solubility of Ag,S-NPs. The presence of Ag in plant shoots for low solubility Ag,S-NP
could indicate direct uptake and translocation of Ag,S NPs as has been recently shown for
cowpea and wheat.® However, it is also possible that plant root exudates partially dissolve the

AQ,S-NPs, making them more bioavailable. Evidence for both of these mechanisms were found

with XRF mapping and TEM as discussed later.

2.3.3 XRF Maps of Roots

High-resolution Ag Ka; XRF maps of the root tips exposed to Ag-NPs and Ag,S-NPs
for six days are shown in Figure 2.2. The low silver concentration (<25 ppm) rendered XRF
microprobe analysis in the shoots unfeasible. The Ag-NPs exposed root (Figure 2.2A) contained
Ag associated primarily with the root cap (columella cell)s. The net-like distribution of Ag,
especially in between the root cap cells, suggests that Ag entered the root preferentially through
the intracellular spaces along the apoplast. Silver was also present in the rest of the root tip (blue
coloration throughout the tip), which clearly demonstrates silver uptake into the root, but in
lower concentrations than into the root cap. In contrast, the root exposed to Ag,S-NPs (Figure

2.2B) revealed dense clusters of silver enriched material, adhered onto the exterior of the root,
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apparently bound to mucilage and sloughed root (border) cells. The Ag abundance inside of the
Ag,S-NP exposed root tip was also much lower compared to the Ag-NPs exposed root tip,
suggesting less uptake in this root. Likely, this is a result of the low solubility of Ag,S-NPs
compared to Ag-NPs. Despite these differences in the distribution of silver in the root tips,
similar amounts of Ag translocated to the shoots for both the Ag,S-NPs exposed roots and the
Ag-NP exposed roots. This suggests that Ag must have been taken up elsewhere, potentially as
Ag>S NPs.>® Ag was indeed found in the elongation zone of the root, the region of the root

between the meristematic zone and the zone of differentiation, as discussed below (Figure 2.3).

Figure 2.2: Silver Kal specific elemental maps of alfalfa root tips exposed to Ag-NPs (A) and
Ag,S-NPs (B) with a white outline of the root structure for reference. Note that the color scale of
the XRF maps was calibrated internally.

The lower resolution Ag L(I11) maps, corrected for argon fluorescence using the control
(Appendix A, Figure A.5), show the distribution of Ag in a larger region of the root (Figure 2.3).
This mapping also provides correlations (based on counts) between Ag and S in the root, and

provides qualitative assessment of the Ag speciation. The maps (Figure 2.3) showed a similar
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silver distribution for the Ag-NPs and Ag,S-NPs to those observed in the Ag Kay maps (Figure
2.2). Much of the silver in Ag-NP exposed roots was concentrated near or in the root cap (Figure
2.3, middle, first column). Further, the maps suggest that silver from the Ag-NPs was
internalized and distributed within the root tip less uniformly than the dissolved silver from the
silver nitrate salt (Figure 2..3, top, first column). We hypothesize that this is due to accumulation
of Ag-NPs on the root surface, and on or in the root border cells. In agreement with the results of
the high resolution maps, the root exposed to Ag,S-NPs has relatively little silver associated with
the root cap (Figure 2.3, bottom, first column), but although the high-resolution maps suggest
little uptake, the lower resolution maps show considerable amounts of internalized silver,
especially in the root elongation zone above the root tip. The high Ag concentration seen in the
elongation zone of the Ag,S-NP exposed root suggests internalization of Ag,S-NP during

growth.
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Figure 2.3: Silver:Sulfur fluorescence count correlations for AgQNO3 (top), Ag-NP (middle), and
Ag,S-NP (bottom) exposed alfalfa roots with bi-color maps (Ag = Red and S = Cyan) — Masked
regions is shown in Figure A.4 for the relatively high, medium and low Ag:S correlations.
Elemental specific u-X-ray fluorescence maps of alfalfa root tips generated using windows
around Ag Lal (2984 eV) and S Kal (2 308 eV). Please note: Length scale bars are valid for all
samples while color scale bars are unigue to each sample and element. The range of counts used
in each scale bar is shown in Table A.3.
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Maps of the ratio of the Ag:S fluorescence signal (Figure 2.3, right columns) give
qualitative evidence of the presence of (a) thiol associated Ag (Ag < S), a possible plant response
to metal exposure); (b) intact Ag,S-NPs in the Ag,S-NP treatment (Ag > S); (c) presence of
silver in excess of S (Ag >> S). The regions associated with high Ag:S in the root exposed to
AgNOs3 shows discrete silver accumulations near bumps in the root resembling emerging lateral
roots (red dots in map in Figure 2.3 top, right column; Ag:S correlation plots in Appendix A,
Figure A.2) The lowest Ag:S ratios were located at the root tips suggesting silver associated with
thiols, which may have been generated in response to the Ag.

The root exposed to Ag-NPs showed high Ag:S ratios near the root cap cells of the root
tip, pointing to accumulation of Ag in/on these cells, which is in agreement with the results of
the high energy X-ray maps (Figure 2.2). High Ag:S ratios were found at the exterior of the root
suggesting nanoparticles attached to the root surface before uptake. As a whole, the Ag:S ratios
of the Ag-NPs exposed root were less uniformly distributed along the root than those of AgNOs.
Ag-NPs must have either undergone (partial) dissolution limiting internalization, or Ag-NPs
were taken up directly. Uptake of Ag-NPs via partial Ag dissolution is supported by the TEM
results discussed in the sections below, the high solubility of Ag-NPs, and the similar, albeit
spatially less uniform, uptake profile of Ag-NPs and AgNOs in Figure 2.3 and in the correlation
plots of Figure A.2 (Appendix A).

The silver in the root exposed to Ag,S-NPs was highly correlated with the signal of sulfur
(Figure 2.3 and Figure A.2). Regions exhibiting a high AQ:S ratio were nonexistent,
demonstrating that silver remained colocated with sulfur. This means that Ag,S-NPs either was
almost exclusively taken up in nanoparticulate form or the plants strongly responded to the NP

exposure by generation of thiols, such as glutathione, for subsequent biotransformation.
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Glutathione is known to play an important role in the detoxification of heavy metals by
plants.>**> Dimkpa et al. has shown elevated levels of the oxidized form of glutathione in the
roots of wheat grown in the presence of silver ions and NPs.*® Accumulation of intact Ag,S-NPs
in the root tip was minimal given the absence of an appreciable Ag signal. Silver from the Ag,S-
NPs exposed samples was primarily located at the elongation zone of the root, highlighting a
clear difference in the uptake mechanisms (but not the mobility) of silver between the pristine
and sulfidized silver nanoparticles. Overall, the silver from the Ag,S-NPs was less uniformly
internalized and less prevalent in the root tip than for Ag-NPs or AgNOs, likely a result of two
factors: the lower filterable silver concentration associated with Ag,S-NPs; and the sorption of

Ag,S-NP with cells at the root tip that are readily sloughed off by the root (Figure 2.2).

2.3.4 Microscopic Analysis of NPs in Plant Tissues

Two types of particles were exclusively found on or in the NP-exposed roots: Large
particles with low electron density adsorbed to border cells, and small electron dense particles in
the cell walls and channels. There were thousands of very low electron density particles adhered
to the border cells of the Ag-NP and Ag,S-NP treatments with diameters of 74 + 14 and 84 £+ 34
nm, respectively (Figure 2.4N,S, Figure 2.5, Table A.2). Some of these particles were also found
in the intracellular spaces (data not shown). The smaller particles were found in the intercellular
spaces and interfibrillar channels of the cell wall and had diameters of 2.52 + 0.83 and 2.54 *
0.77 nm in the Ag-NPs and Ag,S-NPs treatments, respectively (insets in Figure 2.4M,R), which
is consistent with previous observations of uptake pathways.’>>’ Although alfalfa has been
shown to generate silver NPs of similar size following exposure to silver nitrate in agar,” no
such NPs were present in the control cell wall and the cell walls of plants exposed to AgNOs3

(Figure 2.4C,H). The spatial resolution and sensitivity of TEM/EDX was insufficient to identify
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the elemental composition of these few nm-sized particles within the cell wall matrix.
Nevertheless, the location of the particles in the cell wall and interfibrillar channels (Figure
2.4M,R), and the lack of these particles in the control and the AgNO; treatment (Figure 2.4C,H)
suggests that Ag-NPs and Ag,S-NPs at least partially dissolved in the acidic environment of the
root border cells, and then diffused into the intercellular spaces and subsequently translocated

along the apoplast.
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Control AgNO, nano-Ag(0) nano-Ag,S

Whole Cell

Cytoplasm

Cell Wall

Border Cells

Starch Grains

Figure 2.4: Transmission electron microscopic images of control and exposed root cells of
Medicago sativa (alfalfa). A, F, K, P: Root cortex cells. B, G, L, Q: An area in the cytoplasm of
cortex cells. C, H, M, R: Border cell walls. D, I, N, S: Border cells and extracellular space; E, J,
O, T: Starch grains. Rulers are valid for entire rows, if no other ruler is shown. Recommended
screen resolution to view at least 1280 x 800 pixel. L: Lipid bodies, stained by OsO, due to the
high content of polyunsaturated fatty acids (see Figure A.7 for close-up); V: Vacuole; N:
Nucleolus; S: Starch grain. See Table A.2 and Figure 2.4 for a detailed description of the
electron dense particles visible in B, F-1, L-N, and P-S.
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Figure 2.5: Diameters of electron dense nanoparticles (NPs) and aggregates measured by
transmission electron microscopy (TEM) in different cell compartments of alfalfa root tips
exposed to four treatments: Background growth medium only; dissolved AgNOs; dispersed Ag-
NPs; or Ag>S-NPs respectively. Corresponding micrographs of the NPs are shown in Figure 2.4
and Figure A.7, and the numerical values are provided in Table A.2. Note that only two types of
NPs were present in the control, whereas two additional types of NPs were exclusively observed
in the NP-exposed roots: The particles adsorbed to the border cells (Figure 2.4N,S) and the
particles in the cell wall (Figure 2.4M,R) or in channels in the cell wall (Figure 2.4R, insert).

Analysis of many transmission electron microscope images revealed a variety of
electron-dense particles of different sizes and shapes in and on the alfalfa roots (Figure 2.5 and
Figures A.6 and A.7 in Appendix A). The types, sizes, and shapes of these particles (Figure 2.5
and Table A.2) depended on the form of silver used to expose the plants, providing useful
insights into how the plant responded physiologically to each form of silver at a microscopic
(cellular) level. In all treatments (control, AgNOs, Ag-NPs, and Ag,S-NPs), the cytoplasm in the
cells of the root cortex contained abundant small particles (Figure 2.4B,G,L, in the inset of Q,

and Figure A.6). In control roots, these cytoplasmic particles (average diameter 7.9-9.9 nm)
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were evenly distributed or loosely grouped (Figure 2.4B, Figure A.6). In the AgNO3 and Ag-NP
roots, there were also larger aggregates of these cytoplasmic particles of 33 + 18 and 55 + 17 nm
in diameter, respectively (average + standard deviation; Figure 2.4G, and inset in panel L). In
contrast to the control, AgNO3, and Ag-NP exposed roots, the cytoplasm of A;2S-NP exposed
roots was mostly bare of the small cytoplasm particles as shown in Figure 2.4Q. Instead, the
cytoplasm contained large 96 + 35 nm aggregates of smaller primary particles (17.2 £ 7.8 nm in
diameter, Figure 2.4P and inset in Figure 2.4Q, Figures A.6 and A.7A in Appendix A). These
primary particles were significantly larger than the cytoplasm particles observed in the other
treatments (ANOVA assuming unequal variances, Dunnett-C posthoc test; Figure 2.5, Table
A.2). Hotspots of colocated Si and O in maps generated using S/TEM (Figure A.7) suggest that
the small cytoplasm particles and their aggregates mainly consisted of silicates. In the present
hydroponic setup, the plants apparently formed Si O, particles in their cytoplasm. Potential
sources for Si are dissolved Si species (i.e., orthosilicic acid) mobilized by the root exudates
interacting with the glass marbles or the seed coats, replacing natural silicate-containing rocks.
Differences in the aggregation state of the naturally formed cytoplasmic silicate particles
in plants exposed to different forms of silver suggest that they are part of the defense
mechanisms against silver toxicity. In the control, the natural cytoplasmic silicate particles are
not aggregated, whereas these particles are partially aggregated (AgNOs; and Ag-NPs) or
completely aggregated (nano-Ag,S) in plants exposed to silver. The degree of flocculation
achieved (AgNO; < Ag-NPs < Ag,S) was inversely proportional with the availability of
filterable Ag (AgNO3; > Ag-NPs > AgQ,S). This suggests that production of silicate aggregates
was hampered under the condition of heavy stress by Ag™ exposure (AgNO; and Ag-NP), but

was fully operational when exposed to lower levels of filterable silver (Ag.S-NPs). More
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evidence for higher exposure to dissolved Ag™ are the stunted growth and structural damages of
the root epidermis as observed by electron microscopy (data not shown) of plants exposed to
AgNO3 and Ag-NPs compared to nano-Ag,S (Figure A.1). We speculate that the naturally
formed silicate aggregates in the roots of alfalfa may have served the plants to adsorb Ag” or
Ag,S-NPs and thus alleviated their toxicity and potential to translocate. This defense mechanism
is common in plants against heavy metals or pests.**®° Coprecipitation of heavy metal ions on/in
highly sorptive naturally formed silicate aggregates (also called phytoliths) or silicate colloids in
plant cells is already well-known, e.g., for Cd in rice.**®*? n rice and other plants, silicate
aggregates or colloids in roots can reduce translocation of heavy metals into shoots.

The XRF Ag element maps in Figure 2.3 confirm that in the Ag,S-NPs treatment little Ag
was present in the root tip, the Ag:S ratio was low, and most Ag concentrated in the elongation
zone above the root tip, indicating that the root tip itself containing the sensitive apical meristem
was exposed to less toxic Ag” ions than in other treatments. The question remains whether the
individual cytoplasm particles or aggregates would show traces of Ag” or even intact Ag,S-NPs
at higher resolution. Such analysis is currently not feasible for NPs of this size in biological

samples.

2.4. Environmental Implications

Overall, the present study suggests that nanoparticles of silver, even when transformed to
low solubility Ag,S-NPs, strongly accumulate on and in the roots of alfalfa, an agriculturally
important legume relevant for the human food chain (1,608-2,019 ppm dry weight,
corresponding to a 536- to 673-fold increase from the nominal dose). Surprisingly, different Ag
distributions were present in the roots despite similar Ag uptake concentrations for different

kinds of Ag NPs and ionic Ag".
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This work suggests different uptake mechanisms for AgNO3, Ag-NPs, and Ag,S-NPs in
alfalfa. Silver in the AgNOs (i.e., Ag” ion control) exposed sample was highly concentrated and
uniformly distributed throughout the root tip cells. In contrast, the root tip exposed to Ag,S-NPs
accumulated very little Ag inside the root tip cells. Instead, Ag aggregates adsorbed on the
exterior of the root, and small particles <4.94 nm were found in the apoplast. Notably, the Ag,S-
NP exposed roots contained abundant natural SiO,-NPs aggregates in the cytoplasm, which we
hypothesize to be a defense reaction of the plant that was absent in the treatments with higher
intracellular Ag concentrations (and which appeared less healthy). These SiO,-NPs aggregates
may immobilize the toxic Ag ions released from the NPs. Similar biomineralization of sorptive
mineral phases in roots exposed to heavy metals has been known for decades, but is reported
here for NPs for the first time. Overall, these observations suggest very limited Ag” ion uptake
for Ag,S-NPs, and that the primary mechanism of Ag uptake includes NP attachment, and
migration of partially dissolved NPs into the root apoplast. Silver in Ag-NP exposed roots was
found accumulated in the root cap, in discrete clusters of silver attached to the upper regions of
the root tip (probably near emerging lateral roots), and silver distributed throughout the root tip
cells. Again, particles <4.48 nm were found in the root apoplast. These results suggest that the
mechanism of Ag uptake from Ag-NPs is a combination of both NP attachment to the root
surface followed by direct uptake of small or partially dissolved NPs into the root apoplast, as
well as dissolution and Ag ion uptake. Although much of the silver is associated with sulfur
suggesting thiol-complexes or Ag,S, long-term transformations may be likely during harvesting
and drying process to prepare alfalfa for livestock feed.

This study suggests that pristine and transformed NPs as well as ionic phases of silver

associate and interact with plant roots in a different manner, and although the total amount of Ag
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associated with the root may remain similar, the mechanisms of uptake are not the same. A better
understanding of how different NP phases interact with plant roots helps to predict more

accurately the fate of these materials in environmental and agricultural scenarios.
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Chapter 3

Uptake and Distribution of Silver in the Aquatic Plant Landoltia punctata (Duckweed)

Exposed to Silver and Silver Sulfide Nanoparticles®

3.0 Abstract

Wetland ecosystems are exposed to Ag® and Ag,S nanoparticles (NPs) through waste
streams such as run-off from crops grown in soils amended with NP contaminated biosolids.
Interactions between engineered nanoparticles and aquatic plants in wetlands can affect their fate
in fresh water ecosystems, but there is limited data available on these interactions. This study
investigates the speciation and distribution of silver in duckweed (Landoltia punctata) exposed
to silver and silver sulfide NPs at 10 mg/L total silver. The silver distribution in the root tissue
was visualized using synchrotron-based micro X-ray fluorescence (XRF) mapping. The Ag
speciation was determined using extended X-ray absorption fine structure (EXAFS)
spectroscopy. The mass of silver measured in roots exposed to Ag,S-NPs was the same at for
roots exposed to Ag’-NPs despite an order of magnitude lower solubility of Ag,S-NPs compared
to Ag’-NPs. Moreover, the distribution of silver in NP exposed plants was more heterogeneous
compared to the silver ion control. This indicates that attachment of NPs to the root surface
controlled silver exposure rather than dissolution. Silver NPs were partially transformed into

silver sulfide and silver thiol species, suggesting that dissolution at the root interface occurs.

! To be submitted to Environmental Science and Technology. Coauthors include Benjamin P. Colman, Fabienne
Schwab, Mark R. Wiesner, and Gregory V. Lowry
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Ag,S-NPs were more resistant to change, and remained primarily as Ag,S, while Ag ion
exposure led to creation of both Ag’-NPs and AgsS in plant tissues. These findings indicate that
the form of the Ag NP exposed to plants, and exposure time affects its distribution in aquatic
plants, and that Ag is labile and available to duckweed, even when added as relatively insoluble

Ag2S-NPs.

3.1. Introduction

Engineered nanomaterials (ENMs) are an emerging class of pollutants in aquatic
ecosystems. These ENMs can be released to ecosystems either directly, e.g. in waste water
effluent, or indirectly, e.g. through the erosion of land-applied biosolids.® Especially nanosilver
(Ag’-NPs)—used as an antibiotic in many commercial nano-enabled products—that can be toxic
to aquatic* and terrestrial organisms.>® Understanding the environmental fate of these ENMs is
needed to better characterize environmental exposures to Ag>-NPs. However, most ENMs
including Ag’-NPs are subject to a complex range of transformations, which can influence their
toxicity, solubility, fate, and transport, and which is currently not fully understood.?"*? While

Ag,S-NPs are much less toxic and soluble®*>**

than metallic silver ENMs, transformations
between Ag,S, Ag* and Ag’, and formation of new Ag’-NPs can occur under environmentally
relevant conditions.*>® In terrestrial environments in contact with treated wastewater and
biosolids, most of the Ag’~-NPs, much alike other metal nanoparticles, e.g. ZnO-NPs, can be
transformed into their less reactive metal sulfide equivalents (Ag,S-NPs, ZnS-NPs, etc.).X % In
the case of silver, Ag,S can account for more than 90% of the Ag in the wastewater treatment

plant biosolids.**?° In aquatic environments such as wetlands, the dissolution and precipitation
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dynamics of Ag’-NPs is highly complex,™ and the factors that influence ENM interactions with

aquatic plants remain poorly characterized.?

Plants have central functions in aquatic ecosystems. Plants provide food, moderate flow
regimes, drive ecosystem biogeochemistry through production of oxygen, remove (excess)
nutrients, and they are strongly involved in metal and ENM cycling.?** In aquatic plants, ENMs
are expected to adsorb onto the surface as well as be taken up into tissues of exposed plants.?>%°
Although smaller particles are generally more rapidly internalized by plants, the type of plant,
ENM composition, exposure conditions and many other factors can influence if and how readily
ENMs are incorporated into plant tissues.?*#%"?® For example, plants are known to take up both
dissolved metals and nanoparticles, with some evidence of dissolved metals entering more
readily.”® This suggests that the solubility of a metal or metal oxide nanomaterial could greatly
affect the amount, pathway, and rate of metal uptake. Highly soluble ENMs are expected to
dissolve, yielding greater uptake and translocation than less soluble ENMs that tend to attach to

the outsides of the roots, or be taken up as intact nanoparticles, much alike it was observed in a

terrestrial plant (alfalfa) exposed to soluble and insoluble Ag-NP species.?’

Individual species in several different genera of small floating aquatic plants (Lemna,
Landoltia, and Spirodella; also termed “duckweeds’’) are common model organisms to assess the
toxicity of contaminants,*® and they have been used to assess the toxicity of Ag°-NPs.** Their
small size, rapid growth rate, and propensity for accumulating large concentrations of metals also
make them ideal for both studies on the fate and transport of metal and metal oxide ENMs.

Moreover, duckweeds are promising potential tools for (ENM) phytoremediation.®?* With this
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in mind, the goal of the present study was to elucidate the interaction mechanism of duckweed
with ENMs, adding to the limited data available on the interactions of ENMs with aquatic plants.
We assessed the pathway and extent of uptake of silver NP species by the aquatic plant Landoltia
punctata (termed duckweed throughout the rest of the text). The specific goals were to a)
determine the differences in uptake of Ag*, Ag’-NPs and Ag,S-NPs in the duckweed species
Landoltia punctata, and b) qualitatively elucidate and compare the speciation and route of uptake
of these forms into the tissues of exposed plants. We used X-ray based mapping and speciation
techniques to investigate the Ag uptake, distribution and speciation of silver associated with

duckweed tissue.

3.2. Materials and Methods

3.2.1 Synthesis

Polyvinylpyrrolidone (PVP) coated Ag’-NPs were synthesized based on a protocol of
Yang and co-workers,** and a part of these Ag®-NPs was oxidized to Ag,S-NPs as described by
Reinsch and co-workers,*® and adapted elsewhere.?’ In brief, 1.5g of PVP (1000 g/mol) was
dissolved in 280 mL of deionized water before stirring in 9 mL of 0.10M AgNO3 for 5 minutes.
Under constant stirring, 11 mL of ice-cold 0.08M NaBH, was added, allowed to react for 1 hour,
and washed as described below, resulting in the final stock suspension of Ag®-NPs.?” The Ag,S-
NPs were synthesized from a second batch of Ag®-NPs by adding 9 mL of 0.10 M Na,S into an
aqueous suspension of Ag’-NPs bubbled with aquarium air pumps (AP 200, Tetratec, China) to
provide dissolved oxygen, and allowed to react for one week before washing. Both NP

suspensions were washed three times using ultracentrifugation (50,000 g for 30 min) and
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resuspension in deionized water using a sonicating probe (Sonic Dismembrator Model 550,

Fisher Scientific, USA, power level 3, 1 min). Washed suspensions were stored at 4 °C until use.

3.2.2 Characterization

Two batches of each type of NP (Ag° and Ag,S) were synthesized (once for each
exposure corresponding to the synchrotron schedule). Only the first batch of washed Ag°-NPs
and Ag,S-NPs were sampled for TEM and XRD characterization of the NPs, while the second
batch was analyzed via DLS to ensure similarity between batches. The crystalline phase was
verified by X-ray diffraction (XRD) of an air-dried sample using an X-Radia XRD (X’Pert Pro
MPD X-ray diffractometer with a Cu X-ray source). The XRD spectra were background-
subtracted and peak-matched using X’pert Highscore Plus software. The morphology and
diameter of the NPs were determined by Transmission Electron Microscopy (TEM) imaging of
samples dried on formvar coated copper grids using a TECNAI G® Twin (FEI, Hillshoro OR,
USA). The hydrodynamic diameter and zeta potential, calculated using the Smoluchowski
equation, of the NPs was also determined in 10 ppm AgP-NP suspension in half strength Hutner’s
solution using an ALV/CGS-3 (ALV, Germany) and a Zetasizer Nano ZS (Malvern, UK),
respectively. The hydrodynamic diameter was measured at t=0 and again after 48 hours in the
growth chamber exposed to cool fluorescent light (see below) to assess the stability of the NPs
against aggregation in the growth media. Finally, the soluble fraction of silver was determined
in the suspensions after 48 hours in half strength Hutner’s medium using a 3 kDa centrifuge filter

to separate the particles from the dissolved species.
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3.2.3 Exposure of Duckweed to Ag® and Ag,S Nanoparticles

Two batches of semi-sterile cultures of duckweed (Landoltia puctata) were stabilized in
half strength Hutner’s medium and exposed to the NPs using a method adapted from Brain et al.
2007,* one for the XRF mapping and another for the EXAFS analysis. Twenty specimens of
Landoltia punctata, each containing 3 developed fronds (a mother and two 1%-generation
daughter fronds) were exposed in 25 mL plastic petri dishes (Appendix B, Figure B.1). To
prepare the exposure medium, suspensions of Ag’-NPs, Ag,S-NPs or AgNO; were added to
20mL of growth medium to achieve 10 ppm total silver concentration. Dishes were placed in a
reflective aluminum tray and covered with another aluminum tray which had holes cut for the
two cool fluorescent lights placed approximately 6 inches from the samples (Figure B.1). The
cultures were harvested 24 hours after exposure, and immediately rinsed by lightly agitating the
cultures in two consecutive petri dishes containing DI water using a sterile fork. This was done
to remove any loosely bound particles and any ionic silver associated with the exposure media.
Several specimens were collected after 24 and 60 hours of exposure, and prepared by sealing
fresh plant tissue inside plastic sample holders with DI water sealed within Kapton tape to keep
them hydrated during XRF mapping. Additional tissue samples were immediately frozen in
liquid nitrogen and lyophilized for x-ray absorption spectroscopy (XAS) analysis to determine
Ag speciation, and a portion was digested in concentrated nitric acid for 24 hours on an end-
over-end rotator and was then used for total Ag analysis by ICP-MS after dilution with DI water
to 5% nitric acid and analyzed using a 5-point single element (Ag) calibration standard. The
exposure medium was also collected and analyzed for total silver to determine the fraction of

added silver that was associated with the plant tissues and to calculate a mass balance for silver.
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3.2.4 Silver Speciation

The Ag speciation in the freeze dried tissues was investigated by pressing the tissue into
pellets and analyzed by Ag K-edge XAS. Extended x-ray absorption fine structure (EXAFS)
spectra were collected on beamline 11-2 at Stanford Synchrotron Radiation Lightsource (SSRL).
The Si(111) crystal monochromator was calibrated by setting the first inflection of the Ag K-
edge of the Ag reference foil to 25,514 eVV. The monochromator was detuned to 75% of its
maximum to reduce harmonics and the spectra for the exposed duckweed samples were collected
in fluorescence mode using a 100-element solid state Ge detector. To ensure good energy
calibration, the spectra of the reference Ag foil was simultaneously collected in transmission

mode between ion chambers filled with Ar.

All spectra were analyzed using the Athena software package.’” Background was
corrected and the Eg set to 25,534 eV. The sample spectra were fitted by linear combination
fitting (LCF) of averaged k*- weighted EXAFS spectra. The EXAFS data was fitted over 3-9.5
Al K-range using a variety of Ag model compounds.*® A complete list of the model
compounds used is presented in Table B.1 (Appendix B). The fits were not constrained to 100%
and utilized the cycle-fit method: finding the best 1-component fit, and adding another
component if the R-factor is decreased by 10% through addition of that compound. The R-factor
is a goodness-of-fit parameter and lower values indicate better fits; although this parameter
depends on the fitting range, a 10% decrease is used to indicate a significant improvement to the
fit when principal component analysis (PCA) and target transform (TT) are not possible due to

the low number of samples.
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3.2.5 Silver Distribution

To spatially resolve the silver in the duckweed plant tissue, synchrotron XRF microprobe
mapping was conducted on the IDE-13 beamline at APS. The incident beam with an excitation
energy of 28,000 eV to maximize the silver K-edge fluorescence signal. This produced a 2.5x2.5
um beam which was scanned across the root tip with a 2 um step size and 20 ms dwell time. A
4-element vortex silicon drift detector was placed normal to the incident beam with the sample
mounted in the 45-degree geometry. Signals from Ag and Zn were calibrated using standards
and integrated from the multiple channel analysis by fitting the K-edge fluorescence peaks. The
signals from each element were normalized with I, to produce element specific maps. Silver
specific maps were obtained using the Ag K-a emission line (22,163 eV) and processed with the
X-ray Data Browser software provided by APS. Zinc specific maps are shown in the Figure B.2

in Appendix B.

3.3. Results and Discussion

3.3.1 Characterization

The NP characterization including the hydrodynamic diameters and the zetapontential
measured in the half strength Hutner’s growth media, the TEM diameters, and the diffraction
analysis (XRD) are provided in Table 3.1. The crystalline phases identified by XRD were BCC
metallic silver in the Ag®-NP and acanthite (Ag,S) in the Ag,S-NP, suggesting that complete
sulfidation had been achieved with the sulfidation method used. The particles were spheroidal,
with primary particle sizes determined by TEM of 6.3 and 7.8 nm for the Ag®-NPs and Ag.S-

NPs, respectively (Appendix B, Figure B.3). The number-averaged hydrodynamic diameter of
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the freshly prepared and 0.2um filtered Ag®-NP and Ag,S-NP in half strength Hutner’s media
determined by DLS was found to be 13.4£2.9 and 17.9£2.4 nm for the respectively. The
hydrodynamic diameter determined in half strength Hutner’s media is larger than TEM likely
due to the presence of an electron transparent PVP coating invisible in TEM, and potentially also
due to aggregation. However, the particle size was found to be relatively constant after two days
in the growth medium 14.4+4.0 and 20.3+0.6nm for the Ag’-NPs and Ag,S-NPs, respectively.
An example of the size distribution and autocorrelation function are provided in Figure B.4
(Appendix B). Because ion uptake is known to be a major pathway of metal uptake; the
solubility of the NPs is expected to influence the uptake of silver. The soluble fraction of silver
after two days in half strength Hutner’s medium was 0.53 and 0.06 ppm soluble silver for the 10
ppm suspension of Ag®-NPs and Ag,S-NPs, respectively. This is consistent with expectations
and previous finding showing that Ag,S is the less soluble form of the silver NPs.2"3%° The
three treatments (AgNO3s, Ag’, Ag,S) spanned three orders of magnitude of soluble silver which

will highlight the differences between ion and NP uptake into the plants.
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Table 3.1. Characterization of freshly prepared Ag® and Ag,S nanoparticles and after exposure
to half strength Hutner’s medium. Soluble silver was the fraction of silver in half strength
Hunter’s medium without plants than passed a 3kDa filter after 2 days.

Hydrodynamic Diameter Zeta_ Soluble Ag | TEM size XRD
(nm)° Potential (ppm) (nm)2P Phase?
(mV)
Media | 1/2 Hutners | 1/2 Hutners | 1/2 Hutners | 1/2 Hutners
Exp.
Time 0 day 2 day 0 day 2 day - -
0 Silver
Ag -NP 13.4+2.9 14.0£4.0 -11.5+4.8 5.3 6.3+6.2 Metal
AQg,S-NP | 17.9+2.4 20.3+£0.6 -10.2+3.8 0.6 7.8+2.2 | Acanthite

Data were reproduced from Stegemeier et al. 2015’ as these are the same NPs used in that
study. "Mean plus/minus standard deviation. “Number-weighted (primary peak >99% of total
weight) averaged particle size distribution = peak width from samples filtered with 0.2um
cellulose filter.

3.3.2 Silver Concentrations in Tissue

Total silver concentrations associated with the bulk lyophilized duckweed tissue exposed
to either Ag,S-NPs, Ag’-NPs or AgNO; were measured after 24 hours. Total silver is presumed
to include both silver attached onto the exterior of the plants and internalized silver. The silver
concentrations in the duckweed exposed to Ag,S-NPs and Ag’-NPs were found to be very
similar, 3726 and 389+3 ppm Ag respectively. The plants exposed to AgNO3 contained nearly
twice the silver concentration (685 +6 ppm Ag) as the NP exposed samples. Clearly, the ions
were more readily accessible than the particulate forms of Ag. However, the silver
concentrations of roots exposed to Ag® and Ag,S did not follow the trends in particle solubility:
they had similar concentrations of silver despite the factor of 10 lower solubility of Ag,S-NPs
compared to Ag’-NPs. This suggests that attachment of particles is likely the primary mode of

NP association with duckweed roots. The attachment onto the root surface is expected to be
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similar for these two NPs given their similar size, zeta potential and PVP coating. In all cases,
only 1-2 % of the total silver added was associated with the plant tissue. The majority of the
silver remained in the exposure medium given the low plant mass to medium volume used.
While other studies have shown that duckweed can remove >60% of total Zn and Cu within 2
day, the total biomass to metal concentration was much higher in those studies **. The silver
concentration in the exposed duckweed tissue is similar to the concentrations found in the roots
of Lolium Multiflorum exposed to similar concentrations of Ag’-NPs.*t A total Ag recovery
(including plant tissue, exposure media and an aqua regia wash of the exposure vessel) of 75-
90% was achieved (data not shown). A bioconcentration factor (BCF) for the one day exposure
to 10 ppm Ag was estimated by dividing the wet weight concentration by the exposure
concentration, assuming 95% water weight for duckweed.** The BCF was ~3 for AgNOs, and

~2 for the NPs, suggesting that duckweed concentrates and accumulates silver in its tissue.

3.3.3 Silver Distribution

Silver Ko XRF maps of hydrated root tips exposed to AgNOs, Ag’-NPs and Ag,S-NPs
demonstrate clear differences in the distribution of Ag for each type of Ag used (Figure 3.1).
Note that each image is color-scaled internally using the highest Ag counts in the image and
therefore one should not make direct comparisons between image intensities. The maximum Ag
count used to calibrate each image is provided in Table B.2 (Appendix B). Very little silver was
detected in the initial Ag specific maps for the fronds compared to the roots (Appendix B, Figure
B.5). This conflicts with other reports of metal uptake by duckweed where most of the metal
uptake is through the fronds. The difference in behavior is likely to the difference in the species

being investigated. Here we are looking at uptake by Landoltia punctata, which is known to
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uptake metals through the roots.**** Other studies showing uptake primarily by the fronds used
Spirodela polyrhiza, Lemna gibba and Lemna minor.*>*’ Given the absence of metal in the

fronds of Landoltia punctata, the mapping focused mainly on the silver rich root tips.

After 24 hours of exposure to AgNOs the silver is distributed throughout the root tip
potentially in the apical meristem. The root cap is visible as a blue shadow around the root tip
indicating it has adsorbed a relatively smaller portion of silver. This Ag distribution pattern
suggests Ag” ions are able to migrate into the active zone of root tip and do not appear to be
restricted by the root cap. The root tip exposed to Ag°-NPs for 24h shows a similar distribution
of Ag as the silver nitrate exposed samples suggesting the NPs may be dissolving prior to
entering the root tip. Additionally, there are clusters of Ag located at the end of the root cap
suggesting attachment of a solid silver phase, likely Ag’-NPs. The primary route of Ag°®-NP
uptake into these plant roots appears to be through attachment onto the root surface (root cap),
dissolution and internalization of dissolved silver, although direct uptake of NPs is likely also
occurring. In contrast to Ag®, the root tip exposed to Ag,S-NPs shows a cluster of silver located
at the end of the root cap suggesting the silver was not readily internalized. The root cap is
visible indicating the presence of Ag throughout the cap, but the absence of silver in the apical
meristem suggests that little dissolved silver was able to be internalized after 1 day. Due to the
low solubility, the primary route of uptake of Ag,S-NPs appears to be attachment onto the root

surface with the potential of direct NP migration into the plant tissue.

After 60 hours of exposure to AgNOj3 the root tip shows many small Ag clusters

throughout the root tip primarily located near the apical meristem (Figure 3.1). It is important to
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note these are different root samples than the 24 hour images and not a progression from the
previous images. The duckweed samples exposed to ionic silver for 60h were visually lighter
(turning white) than the other samples suggesting this this level of ionic silver exposure was
toxic to the duckweed. Since the reduction, precipitation and sequestration of metals in plant
roots are common responses to large doses of dissolved metals, these clusters are likely biogenic
silver NPs being sequestered in the plant tissue.***° The root tip exposed to Ag°’-NPs for 60h
appears similar to the 24h exposed with silver primarily located at the apical meristem and the
presence of discrete clusters adhered to the root cap. Again, this is indicative of NP attachment
onto the root surface as well as ionic uptake into the active region of the root tip. The silver
associated with the root tip exposed to Ag,S-NPs for 60h appears to have been internalized with
silver in the apical meristem region. The lack of uniformity in the silver distribution suggests
limited NP dissolution although the silver from Ag,S-NPs appears to be bioavailable, which is
consistent with other recent studies using different plants.>*" Given the limitations of two
dimensional maps of three dimensional roots, these maps cannot prove NP internalization but
strongly suggests the metals from the NPs are not merely attached onto the surface and have
entered the vascular system. XRF maps for metal uptake by plants have previously been
modeled and correlated to specific metal distribution in the plant vasculature (e.g. adhered to
outside of root vs. internalize into the vasculature). The pattern in our images is consistent with

metal uptake into the plant vasculature.®®
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Figure 3.1. Silver Ko XRF maps of fresh duckweed root tips exposed to AgNO;, Ag’-NPs and
AQ,S-NPs for 24 and 60 hours.

3.3.4 Silver Speciation

Normalized EXAFS spectra and their corresponding fits of the three treatments (AgNOs,
Ag’-NPs, Ag,S-NPs) show clear differences in the Ag absorption spectra (Figure 3.2). The LCF
results are summarized in Table 3.2. We did not force the sums of the EXAFS fits to one, as is
often done for Ag EXAFS.5®%! Although all sample spectra fit to combinations of above 100%
of the model compounds which may be a result of background removal and normalization
procedure, other studies have shown higher than 100% fits in EXAFS combination fitting.*>®
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However, the phases and relative amplitudes for each fit match well, so it is unlikely that we are
missing an important Ag species. The silver associated with the duckweed tissue exposed to
silver nitrate was found to be primarily (78%) zero-valent. The EXAFS spectra from this sample
is characteristic of metallic silver particles with strong Ag-Ag scattering giving rise to large
oscillations k>7.2° Photoreduction of silver during the beam exposure during the measurement is
not likely due to the consistency of multiple scans, the conditions under which the measurements
were collected (freeze-dried and 77K), and the absence of reduced silver in the model
compounds and the Ag,S sample. The presence of metallic silver particles is not surprising
considering many species of plants have been shown to precipitate metallic Ag-NPs after
exposure to ionic silver.>* It is also possible that metallic silver NPs formed under visible light

has also been observed,*

although the uniformity of the silver distribution in the root tip
compared to the Ag’-NPs exposed tips suggest that the predominant for of silver in the solution
exposed to the duckweed was ionic silver. The remaining silver in the silver nitrate treatment
was sulfur associated; in this case silver sulfide was the best fit. The presence of Ag,S instead of
a thiolated Ag species was unexpected given the known defense mechanisms of plants against
oxidative stress via metal toxicity, e.g. glutathione production.?>> The Ag-thiol signal may have

also been present but was less than 10% of the total silver or was masked by the presence of

large oscillations of metallic silver signal.

In contrast to AgNOs, the majority of the silver from the Ag’-NP treatment consisted of
sulfidized species, namely a mixture of Ag,S (64%) and Ag-thiol (53%). Metallic Ag was also
present (16%), due either to direct attachment/uptake of NPs onto/into the duckweed, or due to

the in-vivo reduction of ionic silver following the dissolution of the NPs. The different
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speciation of Ag from AgNO; and Ag’-NP treatments suggests that the duckweed responds to
the presence of ions differently than to NPs. However, this difference could simply be a result of
the higher concentration of dissolved ions in the AgNO3 exposure compared to the Ag’-NP
exposure where only a fraction of the Ag is present as ions. The AgNO3 exposure may
overwhelm the plants ability to combat the presence of Ag (noted from the whitening of the
fronds), whereas the plants can respond with glutathione and other sulfide-based defenses against

toxicity for the Ag®-NPs which provide Ag ions at a metered rate.

Based on the bulk EXAFS, silver from the Ag,S-NP treatment remained as silver sulfide,
which suggests that the plant was not able to dissolve or transform a significant amount of the
AQ,S-NPs after 24 h. This is expected for the majority of Ag,S given its high chemical stability
and low solubility. Micro-scale XANES measurements made on hot spots on the Ag,S exposed
root tip generally agree with this speciation (Appendix B, Figure B.6). But, there is also some
indication of metallic silver in these most concentrated areas of the root tip. This suggests that
the plants may have some capacity to solubilize Ag,S-NPs at the root surface. However, these
micro-scale XANES measurements are made at room temperature and in hydrated plant tissues

so photo-reduction of silver to its metallic form cannot be ruled out.>®
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K (A1)

Figure 3.2. Experiential (black) and fitted (red) Ag K-edge EXAFS spectra from
lyophilized duckweed tissue exposed to AgNO; (top), Ag®~-NPs (middle) or Ag,S-NPs
(bottom).

Table 3.2. EXAFS LCF fitting results fit over k of 2-9.5.
EXAFS Fitting Results

Treatment AgO Ag,S Ag-Thiol Sum R factor

AgNO; 78%  39% 116% 0.035
Ag’-NP 16%  64%  53%  132% 0.032
Ag,S-NP 127% 127% 0.069

3.4. Implications

The findings of this study have a number of important implications regarding the

interactions between metallic NPs and the aquatic plants that are essential to ecosystem function.
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For hydroponic exposures used here, which is a relevant exposure scenario for floating and
submerged aquatic plants, metallic NPs interact with aquatic plants differently than ions of the
same metal. lons are indeed more readily internalized than NPs. Moreover, the Duckweed
response to exposures to ions and to NPs appears to be different. These responses appear to be
related to the properties of the particles (i.e. dissolution rate), and lead to differences in metal
speciation and distribution in the roots after 24 and 60 hours of exposures. These differences in
speciation may subsequently affect the health of the plants, and their ability to respond to other

chemical insults.

This study also indicates that nanoparticulate phases of metals readily attach to, and are
available to aquatic plants. Silver, even in the poorly soluble Ag,S species, readily attached to
the duckweed roots. The attachment strength was more influenced by the particle properties
(size, charge, and coating) than by the solubility. Adhered particles are then taken up to some
degree into the plant root vasculature, either after being solubilized or as particles. Although
comparable amounts of silver were associated with roots for both the Ag°-NPs and the Ag.S-
NPs, the amount internalized will depend on the speciation. In view of the low solubility of
Ag,S-NPs, this finding suggests that particle uptake is occurring to some extent, and is consistent
with other reports of uptake of NPs by duckweed species.”**"*® QOverall, this confirms that

poorly soluble NPs can be internalized into the plant tissue (bioavailable) to some extent.

The use of duckweed for phytoremediation of metals has been proposed.®® To assess the
potential of phytoremediation to remove metal and metal oxide NPs, follow-up studies should

focus on more accurate determination of the attachment strength, and attachment and
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internalization rate of NPs to duckweed. Studies are also needed to better understand the long

term fate of particles as plants continue to grow.
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Chapter 4

Effect of Speciation of Copper and Silver Engineered Nanoparticles on their Fate in
Simulated Freshwater Mesocosms®

4.0 Abstract

AgP and CuO nanoparticles and their sulfidized counterparts are introduced into
freshwater wetlands through wastewater effluent and agricultural runoff. There are limited data
available concerning the rates of transformations of these particles, and their bioavailability and
biogeochemical cycling in realistic environments. In this study five large-scale freshwater
wetland mesocosms were exposed to 3g of total metal as either CuO, CuS, Ag® or Ag,S
nanoparticles, and soluble CuNOg3 for comparison. Both copper and silver from all doses were
found in the top centimeter of sediment and in Egeria densa plant tissue over nine months,
although a general decreasing concentration was observed over time after dosing. X-ray
Absorption Near Edge Structure (XANES) fitting was performed on sediment and plant samples
collected one, three, six and nine months after dosing. Fitting of the surficial sediment samples
shows rapid transformations of both Ag® and CuO, with no evidence of CuO NPs in sediments
one week after dosing and only ~4% of silver present as Ag® NPs one week after dosing.
XANES fitting of the dried plant tissues revealed the presence of the initial Ag® and CuO NPs
for much longer, up to 6 months for CuO NPs and 9 months for Ag® NPs. Both the metal/metal
oxide and metal sulfide forms of the NPs are labile and bioavailable to aquatic plants. In

contrast, Ag speciation showed no temperature dependence. These findings provide important

" To be submitted to Environmental Science and Technology. Coauthors include Greg Lowry.
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information concerning the fate of CuO and Ag NPs in natural freshwater ecosystems.
Transformations of nanomaterials may be much slower when associated with plant tissues. This
suggests that organisms living in sediments may be primarily exposed to the transformed
nanomaterials, whereas aquatic plants like Egeria densa and organisms that feed on them may be

exposed to the initially dosed NPs for extended periods.
4.1. Introduction

Engineered nanomaterials (ENM) may be inadvertently released into fresh water
ecosystems from a variety of sources,* e.g. in waste water treatment plant (WWTP) effluent® or
run-off from agricultural fields containing nano-enabled fertilizers and pesticides.*®
Understanding the fate of these ENMs in freshwater ecosystems is essential for remediation

efforts, fate modeling and forecasting risk.”®

Aquatic macrophytes, especially submerged vascular plants, may be negatively impacted
from exposures to ENMs.***2 These macrophytes serve an important role in ecosystems as they
are known to influence many important characteristics of freshwater ecosystems including
physical (light penetration, temperature and hydrodynamics), chemical (dissolved oxygen,
organic carbon and nutrient levels) and physiological aspects of freshwater systems.™* Although
some studies have investigated the interactions between selected ENMs and aquatic plants,*®*2*
18 there are a number of knowledge gaps about the interactions between ENM and aquatic plants.

1718 the effects of these

Although transformations of ENM are known to occur in natural waters,
transformations on their uptake into aquatic plants and ultimately the fate in natural freshwater

systems is not well characterized.*>*® The mechanisms by which aquatic plants internalize ENM
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into their tissues remains poorly understood.’® Furthermore, in-vivo transformations of

internalized ENM may occur and would impact the long-term fate of ENM.?%

Pristine or transformed ENMs may enter wetlands. ENMs in biosolids applied as
fertilizer will likely contain metal sulfides or metal phosphates rather than the initial metallic or
metal oxide forms used in products.”*? In contrast, agrochemicals such as CuO NPs used as
fungicides may enter wetlands in their “as applied” form in agricultural run-off. Therefore, it is
important to understand the fate of both “as applied” and transformed nanomaterials in wetlands.
The transformations of ENMs entering into fresh water wetlands remains poorly understood,
although sulfidation is expected to be an important transformation for copper and silver
nanoparticles.®?"?® Transformations of ENMs in sediments and plant tissues (e.g. formation of
Ag NPs in plant tissue or sulfidation) have not been thoroughly investigated and will likely

impact their fate in fresh water ecosystems.

Silver and copper based nanoparticles are among the most common soluble ENM in
consumer products (lotions, soaps etc.) and nano-enabled agricultural amendments (fertilizers,
fungicides and pesticides).*®* Unlike their more insoluble and chemically stable ENM
counterparts (TiO,, CeOy, SiO,, AlO, and Au), silver and copper based ENMs will transform.>*
%2 The speciation of the transformed materials will depend on the environmental conditions, e.g.
redox state, pH, chemical composition, organic carbon content, etc.*** The speciation or form
of the metal nanoparticles ultimately governs the solubility, reactivity, and environmental fate of
ENMSs.'*3%3" The speciation will also determine the bioavailability and toxicity potential of the
particles. For example, silver sulfide nanoparticles were shown to be less toxic than metallic

silver nanoparticles to several aquatic species including bacteria, fish and the aquatic plant,
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duckweed.**° One study has shown sulfidized CuO NPs are much less cytotoxic than the
CuO NPs, although the particles do produce potentially toxic reactive oxygen species.*
Conversely, the sulfidation of CuO NPs appeared to increase their toxicity to zebrafish due to the
formation of very small (~a few nm) Cu$ particles.®* Despite the low solubility of silver sulfide,

these NPs have been found to be bioavailable to plants.'*°

Mesocosm experiments are a bridge between “clean” laboratory experiments and real
environmental exposures. They incorporate the complexity of aquatic plants and microbial
activity while providing realistic environmental exposure conditions (sunlight, seasonal and daily
temperature cycling) and therefore provide insights into behaviors expected in natural systems.
Recently, we demonstrated that metallic Cu and Ag NPs affected sediment microorganisms
differently than CuS and Ag,S NPs in the first three months, but by 300 days after dosing there
was little difference in the microbial community structure between treatments. This suggests that
ENM transformation had occurred over several months.** In the present study we identify the
transformation products and timescales over which they take place. We also investigate uptake

of metal and metal NPs by the aquatic plant, Egeria densa, present in the mesocosms.

The main goals of the present study are to (a) determine the persistence of the introduced
nanomaterial and timescales of their transformations, (b) characterize the uptake of ENMs by the
aquatic plant, E. densa by determining the metal speciation in the plants over time, and (c)
identify the impact of the initial chemical form of ENM dosed on the final metal speciation after
nine months. Five mesocosms were dosed with Ag, Ag,S, CuO or CuS NPs to assess if initial
speciation affects fate and behaviors. X-ray methods are used to track the rates of change of the

different NPs over a nine month time period in both sediments and plants.
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4.2. Materials and Methods
4.2.1 Synthesis of NPs

Gum arabic coated silver and silver sulfide nanoparticles were obtained from CEINT’s
NP synthesis center, and dosed to the mesocosms located in the Duke Forest. The synthesis and
characterization of these particles are provided in Yin et al., 2011.* Briefly, 1.365 L of water,
45 mL of 10g/L gum arabic, and 45 mL of 0.1 M silver nitrate were added to an Erlenmeyer
flask, and the solution was stirred for 5 min. All at once, 45 mL of 0.1 M ice-cold sodium
borohydride was added, and stirring was continued for 10 min. Multiple batches were combined,
and the nanoparticles were purified and concentrated by dialysis (Optiflux F200NR Fresenius
Polysulfone Dialyzer, Fresenius Medical Care). The suspension was diluted with water and

concentrated two additional times in order to obtain the final washed product.

Additionally, gum arabic coated copper oxide and copper sulfide NPs were prepared for
the mesocosm exposure experiments. Copper oxide NPs (<50nm) were purchased from Sigma
Aldrich. One gram of the NPs were suspended and stabilized with 2.5g of gum arabic in 900mL
of DI water via a sonicating probe (Branson Model 250 at power level 3 for one minute). The
suspension was centrifuged, washed with DI water and re-suspended with the sonicating probe
three times to obtain the stabilized CuO final product. Multiple batches were combined and

concentrated by centrifugation and suspension in reduced volume.
4.2.2 Sulfidation of NPs

Gum arabic coated Ag.S particles were prepared using a modified published procedure.*?

First, Ag® nanoparticles were synthesized as described above. Then, 25 mL of 0.2M
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thioacetamide was added to the unpurified AgGA, and the suspension was covered and stirred
for 24 h. Multiple batches were combined, and the nanoparticles were purified and concentrated
by dialysis (Optiflux F200NR Fresenius Polysulfone Dialyzer, Fresenius Medical Care). The
suspension was diluted with water and concentrated two additional times in order to obtain the
final product.

The copper oxide NPs were sulfidized using a direct sulfidation process adapted from a process
described elsewhere®*** and described in Moore et. al. 2016.** First the CuO NPs were
stabilized with gum arabic and suspended as described above. One hundred mL of 0.1M Na,S
was added directly to the 900mL under constant stirring and allowed to react for one week.
Multiple batches of the final product were centrifuged, washed and re-suspended three times, as
descried above, to remove any Na,S and combined and concentrated to achieve the final CuS

NPs.

4.2.3 Characterization of NPs

To obtain hydrodynamic diameters and electrophoretic mobility, suspensions of the Ag
and Cu NPs were suspended in filtered mesocosm porewater and analyzed using a Malvern
Zetasizer Nano at 10 mg/L. Aliquots of NP suspensions were diluted and deposited onto copper
TEM grids containing Formvar coating before imaging on a Technai TEM. The crystalline
structure of the NPs was determined using synchrotron based XRD at Stanford’s 11-3 XRD
beamline. In short, suspensions of NPs were dried and adhered onto Kapton tape before being
placed into the 12,735 eV beam and the XRD pattern was collected in transmission mode using a

MAR345 imaging plate located 100mm past the sample. The patterns were qualitatively fit
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against published standards provided by crystallography open database (COD) using the X-pert

Highscore Plus software package.
4.2.4 Mesocosm Setup and Dosing

Artificial wetlands were prepared at the Center for Environmental Implications of
Nanotechnology (CEINT) facility in the Duke forest in a similar manner as previously
described.**® In short, CEINT prepared several large rectangular boxes, each 3.66m long,
1.22m wide and 0.8m deep, which contained a sloped (~13 degrees) sediment bed and a 2.8m
run which was lined with water-tight 0.45 mm thick polypropylene. A blend of three top soils
was used for this experiment and was characterized elsewhere® and used to produce ~22cm of
sediment and soil cover. Approximately 400L of local well water was added to each mesocosm.
The terrestrial and transitional portions of the mesocosms were planted with plugs of Juncus
effuses and the aquatic portions were planted with plugs of Egeria densa on July 2013. The
mesocosms were allowed to stabilize for one month before approximately 400L of water was
cycled from one box to another (M9>M10>M11>M13>M24>M?9) using a submergible aquarium
pump in order to homogenize the water quality parameters and any potential algal contamination.

The system was then allowed to stabilize for one week before exposure to NPs.

Suspensions of NPs were added once a week (Tuesday morning) for four weeks in an
effort to prevent toxic levels of metal ion concentrations in the water column. A total of 3g
[Ag]+ or [Cu]r of Ag°NPs, AgzS NPs, CuO NPs, CuS NPs and copper ion, respectively was
added as 750 mg doses with a goal to provide an approximately 100ppm Cu or Ag increase in the
top centimeter of subaquatic sediment. In each dose, 300 mL of a 2.5 g/L suspension of NPs or
ions was added to 700 mL of mesocosm water in a 1L HDPE bottle before dosing evenly into the
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top of the water column in the mesocosms using a method described elsewhere.*> The first dose
was applied on 10/14/13 dosing each box with 750 mg of Cu or Ag. The ~100ppm concentration
iIs required to have sufficient signal to characterize the Ag and Cu speciation via X-ray
absorption techniques. The background metal concentration of the sediment used in the

mesocosm was approximately 25ppm Cu and below detection limits for silver.

One week after the final (fourth) addition of the NP suspension, i.e. one month after the
initial dose, subaquatic sediment samples were collected from the top cm of the sediment.
Sampling the surficial sediment layer was accomplished using a modified 50mL falcon tube,
shown in Figure C.1 (Appendix C), by drilling two holes into the cap and fitting it with two 4
foot polypropylene tubes. Negative air pressure was generated using one tube while the other
tube was lightly dragged across the top layer of sediment which vacuumed the sample directly
into the falcon tube. An area approximately half way along the sloped section of the mesocosm
box was selected for sampling and is shown in Figure C.2 (Appendix C). Each sampling event
composited sediment collected over an area of approximately 250 cm?, and the sampling sites
were moved for each sampling so as to not sample the same region as before. This device was
rinsed and washed with ethanol between each collection and then flushed with water from the
water column of the mesocosm to be sampled. Two sections approximately 10 cm long of fresh
Egeria densa was collected from the end of the new growth obtained in the sampling region and
placed into a 50mL falcon tube. These surficial sediment and plant cuttings were collected from
each box after one, three, six and nine months after the initial dose. Water samples were
collected weekly for chemical and water quality analysis. All samples were immediately frozen

for further analysis.
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Freeze dried portions of the sediment and plant tissue were digested in hot nitric acid
using a method similar to EPA 3050b. In short, for copper samples, 5mL of concentrated nitric
acid was added to approximately 250mg of sediment or 75mg of dried plant tissue and heated to
95 °C for four hours. For the silver samples, 8mL of concentrated hydrochloric and 2mL of
concentrated nitric acid were added to the sediment or plant tissue sample. The samples were
allowed to cool and diluted to 5% acid with DI water before filtering using a 0.2 um cellulose
filter and analyzing for total metals using an ICP-MS. A 5-point calibration spanning three

orders of magnitude was prepared from mixed element standards provided by Agilent.
4.2.5 X-ray Absorption Spectroscopy

In order to determine the metal speciation in the sediment samples, the sediments and
plant tissues were freeze-dried and loaded into Teflon sample holders or pressed into a 7mm
pellet for x-ray absorption spectroscopy (XAS). Silver (25,514 eV) and copper (8,979 eV) K-
edge absorption spectra were collected in fluorescence mode using a 100 and 32 element Ge
detector at Stanford synchrotron radiation light source’s (SSRL) beamlines 11-2 and 4-1,
respectively. Each sample was scanned four to twelve times depending on metal concentration
and quality of the spectra. The spectra were energy calibrated using silver and copper metallic
foils collected simultaneously with the samples. The sample spectra were averaged and
normalized using SIXpack data processing software.*’ Linear combination fitting (LCF) of
sample spectra was performed with reference spectra of relevant metal species using SIXpack
and Athena software packages for the copper and silver samples, respectively. The fitting range
was -10 to +175 eV with relation to the copper foil edge and -25 to +100 eV to the silver foil

edge. A list of the reference compounds used for this analysis is provided in the Table C.1
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(Appendix C). The fitting procedure found the best single component fit and proceeded to add
more reference compounds until the R-factor (goodness-of-fit) was not improved by 10%. No
attempt to remove the signal from the background copper in the sediment was made as it was
expected to be less than 10% of the total signal in most cases. To allow easier interpretation of
the XANES fitting, similar reference compounds were referred to as the type of species (Cu-
Humic acid and Cu-Histidine were called Cu-O-R while Cu-Cysteine and Cu-Glutathione were

called Cu-S-R).
4.3. Results
4.3.1 Nanoparticle Characterization

Silver and silver sulfide nanoparticles were confirmed to be metallic silver and acanthite
(Ag2S) by XRD analysis (Appendix C, Figure C.3A). XRD peak broadening was identified in
both samples but appeared more pronounced in the metallic Ag NPs suggesting a smaller crystal
domain for these particles. Number-weighted DLS measurements indicated the majority of the
particles in DI water averaged 25nm and 34nm diameter for the Ag® and Ag,S NPs. However,
the samples were polydisperse and intensity-weighted distributions are higher at 160nm and
94nm for Ag® and Ag,S NPs, respectively, due to the presence of larger particles or aggregates
(Appendix C, Table C.2). Characterization of these particles in filtered mesocosm water
indicates aggregation of Ag® and Ag,S NPs to 113nm and 61nm (number-average), respectively;
while this characterization data has been presented elsewhere*® it is reproduced in Table C.3 and
the data relevant to the present study are summarized in Table 4.1. The TEM image (Figure 4.1)

for Ag® NPs confirms the presence of mostly smaller particles, with some larger particles
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present. The Ag,S particles appear more aggregated than the Ag® NPs but still remain as

spherical particles.

Figure 4.1. TEM images of Ag°® NPs [A], Ag2S NPs [B], CuO NPs [C] and CuS NPs [D]
reproduced from Moore et. al. 2016.** Additional TEM images showing different morphology of
CuS NPs can be found in Figure C.4.

The gum arabic coated copper oxide NPs were identified by XRD as primarily tenorite
(CuO) although a copper carbonate hydroxide phase was also identified (Figure C.3B). The
uncoated and dry particles obtained from Sigma Aldrich did not contain this copper carbonate
hydroxide phase suggesting this may have been a result of dispersing them in water to coat them
with gum arabic. The sulfidized copper NPs were identified by XRD as a mixture of covellite
(CuS) and brochantite (CusSO4(OH)g). TEM imaging of the sulfidized Cu particles identified

two distinct morphologies of particles, one appears to be aggregates of acicular rods, likely
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brochantite, and the other is large aggregates of spherical particles, likely CuS (Figure C.3). The
size of these sulfidized particles is approximately 15-20 nm for the spherical morphology and 50-
100 nm long rods with widths on the order of 15-20 nm although they appear to have aggregated.
DLS measurements in mesocosm pore water suggest the CuO and CuS nanoparticles indeed

aggregate into larger clusters on the order of hundreds of nanometers (Table 4.1).

Table 4.1. Nanomaterial characterization summary of particles dispersed in mesocosm porewater
reproduced from Moore et. al. 2016.* Values shown are the mean (standard deviation). Zeta
potential is calculated from the electrophoretic mobility data using the Smoluchowski equation.
The pH ranged from 7.0 to 7.3 for these porewater samples while the specific conductance
ranged from 70 to 114 uS/cm.

TEM DLS EPM
primary particle diameter (nm) hydrodynamic radius (nm) Zeta Potential (mV)
DI water mesocosm porewater mesocosm porewater
Ag0 4.67 (1.4) 113 (9.4) -22.2(1.5)
Ag2s 18.1(3.2) 61(0.4) -25.8(2.5)
Cuo 31.1(12) 236(11) -25.2(1.4)
Cus 12.4(4.1) 185 (11) -21.6(0.7)

4.3.2 Mesocosm Characterization

Seasonal temperature changes were observed along with periods of freezing during the
early part of the year (Appendix C, Figure C.5). Water temperatures measured during sampling
events correlate with seasonal temperature changes (Figure 4.2). Additional pH, DO and ORP
measurements collected during sampling events show a gradual decrease in pH observed in each
mesocosm. The dissolved oxygen levels and ORP in the water column were highest during the
coldest sampling event, and lowest in the hottest months, consistent with expectation. Oxygen
profiles analyzed on one inch wide soil cores collected at the three month sampling event show

dissolved oxygen concentrations decreasing rapidly in the first 1 to 1.4 centimeter for all
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treatments (Appendix C, Figure C.6), which is also consistent with expectations based on similar

measurements in an earlier work.*®
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Figure 4.2. Dissolved oxygen, water temperature, pH and ORP measurements collected in the

water column of the mesocosm during sampling events.

4.3.3 Metal Concentrations

Copper concentration in the surficial sediment samples collected from the shallow

portion of the mesocosm boxes are shown in Figure 4.3A. Generally, the target concentration of

approximately 100 ppm Cu to facilitate X-ray characterization was achieved for all three doses.
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For all three doses, the copper concentration appears to decrease over the nine month sampling
interval and this decrease over time is consistent with trends seen in previous mesocosm
studies.* A student’s t-test indicated there is a significant difference between Ag concentration
in the 1 month and 9 month sampling for CuO NPs and CuNQOg, but not for CuS. This decline of
copper on the surficial sediment suggests that the copper is either migrating along the slope of
the mesocosm boxes to deeper depths as was previously shown for Ag NPs in these
mesocosms,* or becoming buried and diluted with stirred-up sediment and decaying plant
material which have lower concentrations of copper. There are large standard deviations for
most samples suggesting a large degree of heterogeneity of copper concentration. This
variability may be explained by the non-uniform deposition of NPs into the surficial sediment
due to the Egeria densa plants “shading” the sediment in many regions and preventing even
deposition of NPs. The CuS NP exposed sediment shows the most variability over time, which
suggests that CuS NPs are quite labile. This is a result of the presence of brochantite or
potentially, by microbial activity in this surficial sediment layer,* or through oxidative
dissolution as was observed in more controlled laboratory experiments.®* Although background
concentrations of Cu in the sediment were measured to be approximately 25ppm, less than
10ppm Cu was found in the surficial sediment layer of the boxes exposed to Ag which suggests

this layer was diluted with organic matter containing less copper.
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Figure 4.3. Copper concentrations in the surficial sediment (A) and dried plant tissue (B) of
duplicate samples collected at each sampling event. Standard deviations for the two
measurements are shown as error bars. Copper in a control box (Ag dosed box) was 5-10 mg/kg
in sediment and about 10-20 mg/kg in dried plant tissue.

The copper concentrations in the Egeria densa samples collected for each sampling event
are shown in Figure 4.3B. Relatively high Cu concentration in the plant tissues compared to the
sediment is a result of the drying process and is consistent with previous studies.** The plant
tissue exposed to CuNO3; was found to have more copper than either of the nanoparticle exposed
tissues indicating that copper is more readily taken up in the ionic form. The Egeria plants
exposed to CuNO; were visibly affected by the dosing which caused many of the leaves to
detach from the stems and the 3 month and 6 month sampling contained mostly the stems of the
plants. Egeria plants were not present by the final sampling event and were not collected.
Nanoparticle additions at the same nominal Cu dose did not cause any observable toxicity to the
plants, consistent with the lower concentration of Cu in the plant tissues compared to Cu(NO3).
The plants exposed to CuO and CusS had similar concentrations of copper suggesting that
deposition/attachment/uptake rates were similar for both types of particles. This is consistent

with the particles having similar properties in terms of size, charge, and coating type. The
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Egeria tissues from the boxes exposed to silver had very low Cu concentrations (10-20 ppm Cu)
compared to the Cu dosed samples (>1000 ppm). Although there is a decrease in copper over
time, there remained elevated concentrations of copper relative to background. Since the plant
tissues collected and analyzed were from new growth, the Cu apparently remains bioavailable to
Egeria and/or mobile in the plant tissue throughout the nine month study. However, reduced
growth due to the toxicity of Cu may have resulted in sampling sections at later time points
which were originally exposed during dosing. Based upon rough estimates of the total Egeria
biomass being 250-500g dry plant weight and average Cu concentrations being ~3000ppm (dry
weight), approximately 25-50% of the total copper dosed as ENMs was associated with plant

tissue.

Similar trends were found in the silver concentrations in the surficial sediments and dried
Egeria tissue (Figure 4.4) exposed to Ag,S and Ag® NPs compared with the Cu exposed samples.
Similar to Cu, there is a gradual decline in the Ag concentration over time in the surficial
sediment. A student’s t-test indicated there is a significant difference between Ag concentration
in the 1 month and 9 month sampling. Again this may be explained through the dilution of the
surficial sediment with decaying plant material, bioturbation, or gradual migration down the

slope of the mesocosm boxes.
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The silver concentration in the Egeria plant tissue also remained fairly constant
throughout the experiment for both exposures. The Ag® NP exposed plant were visibly more
affected than the Ag,S NP exposed causing detachment of some leaves, although the visually
observable effects of the Ag® NPs were small compared to the CuNO5 treatment. At all of the
time points sampled, the Ag® NP exposed samples contained more Ag than the Ag,S NP exposed
plants, indicating greater bioavailability. The Ag® NPs may have attached more readily than the
Ag>S NPs, or were generally more labile due to their greater solubility. The elevated
concentrations of Ag in new growth of the plants over the course of the study indicate that the
Ag remains bioavailable despite being transformed to Ag,S which has low solubility. The plants
are either able to solubilize the Ag,S NPs, take up Ag.S NPs, or potentially to mobilize the Ag in
the plant tissue once it has been taken up. Additional research is needed to distinguish between

these possibilities.
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4.3.4 Cu Speciation in Sediments

A summary of the Cu XANES fitting for the surficial sediments are shown in Table 4.2
and the fits are shown in Figure 4.5. Several important conclusions can be drawn from the Cu
speciation over time in the three different treatments, CuO, CuS, and CuNOs. First, the sediment
exposed to CuO NPs did not show the presence of the initial CuO material in any samples
indicating that the CuO was completely transformed in the sediment on a timescale less than one
week. This is consistent with a recent study indicating a relatively high solubility of CuO NPs in
these same freshwater mesocosms.*® Second, the speciation of Cu in all treatments is generally
found to be a mixture of Cu-S bound (organic and inorganic Cu-sulfides) and Cu-O-R bound
(Cu bound to organic matter) copper rather than just present as the added CuO or CuS NPs),
indicating that the Cu derived from these NPs is labile in the sediment regardless of its initial
form. Interestingly, the Cu in collected sediments for all three treatments was found to be 100%
Cu-0O-R at the winter sampling point. The predominance of Cu-O-R in surficial sediment during
winter is consistent with the quiescent and highly oxidizing environment during this time period.
The predominance of the Cu-organic matter species is likely from the large influx of organic
matter from the senescence prior to winter. It is important to note that this speciation is for
copper present in the surficial sediment only, and some Cus is likely to present in the deeper
sediments given the rapid reduction in oxygen saturation during the first 1.5 centimeter of
sediment at that sampling time (Appendix C, Figure C.6). The method of surficial sediment
sampling may have introduced heterogeneity into the samples. Although the vacuuming
technique attempted to collect the top layer of sediment and be consistent with sampling depth
and amount of sediment collected; the amount of heterogeneity this type of sampling introduced

was not quantified.
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Even though the copper speciation was similar for the treatments, some differences
between treatments were identified depending on the type of particles that was added to the
mesocosm. For example, only CuO NPs resulted in formation of low amounts of metallic
copper, which has a distinct white line in the XANES spectra. The presence of humic acid in
anoxic and reducing conditions with large copper loadings has been found to produce metallic
copper.®® The sediment became anoxic from microbial activity within the first cm of sediment in
soil cores collected at the 3 month sampling event (Appendix C, Figure C.6). However, it is
unclear why metallic Cu was formed only in the CuO NP dosed mesocosm. The CuS dosed
mesocosm tended to have greater fractions of inorganic Cus in the fits (Appendix C, Table C.4),
compared to the other treatments. The fluctuations between Cu-O-R and Cu-S character in the
surficial sediment samples, even for the CuS dosed mesocosm, indicated that the dosed CusS is
labile. This is likely due to oxidative dissolution of the added CusS phase (Ma et al., 2014), as
well as the CuS phases formed during the warmer months with greater biological activity in the

sediment.
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Table 4.2. Summary of the Cu XANES fits for the surficial sediment samples. The initial
speciation was assumed to be that of the initially dosed particle and was not fit.

0

CuO NP CuO NP Cu-S Cu-O-R Cu
Initial 100% - - -
1 Month - 39% 46% 15%
3 Month - - 100% -
6 Month - 41% 45% 13%
9 Month - 48% 52% -
CuS NP CuO NP Cu-S Cu-O-R cu’
Initial - 100% - -
1 Month - 74% 24% -
3 Month - - 100% -
6 Month - 74% 24% -
9 Month - 6% 94% -
CuNO; CUONP  Cu-S Cu-O-R cu®
Initial - - - -
1 Month - 24% 76% -
3 Month - - 100% -
6 Month - 24% 75% -
9 Month - 6% 95% -

4.3.5 Cu Speciation in Egeria densa

The copper speciation in the Egeria densa plant tissue exposed to CuO NPs was
unexpectedly found to persist as CuO (tenorite) for up to six months (Table 4.3). The Cu
speciation one month after the initial does was a mixture of CuO and Cu bound to inorganic and
organic sulfur and organic matter suggesting the CuO NPs may be ad/absorbing into the plant
tissue. The plant tissue appears to be protecting the NPs from completely transforming as was
observed in the sediment. However, a fraction of the Cu is becoming associated with plant
proteins and organic matter produced by the plants. The Cu speciation remains a mixture of Cu
bound to organic matter, Cu bound to thiols and CuO. The absence of CuO in the 9 month

samples suggests a relatively slow transformation/dissolution, but this trend needs to be
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confirmed. A minor fraction of the Cu in most samples across all treatments appears to be Cu-S-
R which is consistent with other studies involving Cu uptake in tomatoes where Cu is bound to

glutathione or cysteine as the plant respond to dissolved Cu ions.>
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Figure 4.5. Normalized Cu XANES spectra (black) and fits (red) for CuO exposed sediment (top
left) and plant tissue (top right), CuS NP exposed sediment (middle left) and plant tissue (middle
right) and CuNO3 exposed sediment (bottom left) and plant tissue (bottom right).
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The copper speciation in the Egeria exposed to CuS NPs also shows CusS persisting in
plant tissues throughout the experiment. The one month speciation shows Cu bound to organic
matter and sulfur as a mixture of the CusS starting material and Cu-S-R bound. This suggests that
CuS NPs have associated with the plant tissue and undergone some degree of dissolution and
association with plant proteins. The fraction of Cu associated with inorganic sulfur remains
higher than for the CuO and CuNO3 exposed samples which is understandable considering that

plants were exposed to CuS NPs.

The CuNO;3 exposed plant tissue had a similar Cu speciation at all time points, showing a
mixture of Cu bound to thiols and organic matter. In contrast to added NPs (CuO and CuS), no
inorganic CuS phase was formed in plants when CuNOj3 was used as the copper source. Reasons
for this are unclear, but it suggests that CuO NPs can undergo solid state sulfidation without
dissolution as has been previously reported for CuO NPs in cell cultures.** The CuNO;
treatment appeared to cause significant harm to the Egeria plant eliminating all the plants by the
9 month sampling event. Although ecological endpoints were not monitored, the toxicity of the
CuNQO; treatment can be observed in the images of the boxes (Appendix C Figure C.7) showing
detachment of the leaves, lack of flowering and no plants after 9 months. The copper speciation
in Egeria exposed to CuNOj3 remains fairly consistent over time which may be a result of
overwhelming the plant defense response. The growth of the plants and their ability to transform
copper may have been affected due to the increased toxicity compared to the nanoparticulate

forms.
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CuO NP
Initial

1 Month
3 Month
6 Month
9 Month

CuS NP
Initial

1 Month
3 Month
6 Month
9 Month

CuNO3
Initial

1 Month
3 Month
6 Month

CuO NP
100%
42%
35%
42%

Cu-S

22%

19%
19%
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Cu-O-R
35%
33%
35%
51%

Cu-O-R
47%
17%
52%
71%

Cu-O-R
86%
82%
91%

Table 4.3. Summary of the Cu XANES fits for the Egeria densa samples. The initial speciation
was assumed to be that of the initially dosed particle and was not fit.

Cu-S-R

31%
3%
30%

Cu-S-R

35%

35%

12%

Cu-S-R

14%

18%
9%



4.3.6 Ag Speciation in Sediments

The Ag speciation for the surficial sediment and Egeria densa samples exposed to Ag°
and Ag.S NPs is summarized in Table 4.4. The Ag speciation in the surficial sediment exposed
to Ag® NPs one month after the initial dose (and one week after the final dose) is a mixture of
Ag,S and Ag bound to thiol with a very small fraction (4%) remaining as metallic Ag, indicating
that Ag® NPs rapidly transform into silver sulfide in the surficial sediment. The speciation
remains fairly consistent with the primary species being Ag,S and a minor Ag-thiol species
present. Thus, once transformed into Ag,S the silver remains largely as inorganic silver sulfide.
This transformation to silver sulfide is more rapid than previously reported, with other studies
showing 15% remaining as remaining as metallic silver after 28 days in marine sediments™*
while another study shows 18% remaining as metallic Ag after 18 months.*® Although the short
timescale of transformation may be attributed to the small size of the Ag0 NPs, the overall result
of silver rapidly transforming and stabilizing as silver sulfide in sediments is consistent with

other studies.

The silver speciation in the surficial sediment exposed to silver sulfide in all samples is
also a mixture of Ag,S and Ag bound to thiol suggesting the Ag,S NPs are relatively stable over
time. Therefore, there appears to be little difference in Ag speciation for the Ag® and Ag,S
dosed mesocosms because of the rapid transformation and the high stability of the product, Ag.S.
However, the presence of some small fraction of Ag-thiol species suggests that the Ag,S NPs are
not completely inert, and may remain bioavailable over the 9 month experiment. This could

explain why new growth of Egeria continues to contain elevated levels of metals.
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4.3.7 Ag Speciation in Egeria densa

The Ag speciation in the tissue of Egeria plants in mesocosms dosed with Ag® NPs was a
mixture of Ag’, Ag,S and Ag bound to thiol suggesting either a portion the Ag® NPs were sorbed
into/onto the plant tissue and persisting as NPs or they were dissolving and undergoing ion-
uptake followed by reductive precipitation of Ag® NPs which has been shown to occur in many
other plants exposed to ionic Ag.>*>® The speciation remains fairly consistent throughout the
study suggesting the Egeria is protecting the Ag’ in the tissues from becoming sulfidized on a
long term basis or there is a pseudo-steady state achieved between the dissolved and
nanoparticulate silver species within the plants. Although the Ag° treatment was observed to
cause toxicity to the Egeria in the initial months (Appendix C, Figure C.7), the plants appear to
rebound from this chemical assault in the later sampling events supporting the finding that the

Ag had transformed into the less toxic form, Ag,S.

Table 4.4. Summary of XANES fitting for Ag® and Ag,S exposed surficial sediment and Egeria.

Sediments Egeria

Ag® NP Ag° Ag-Thiol  Ag,S Ag® NP Ag° Ag-Thiol  Ag,S
Initial 100% - . Initial 100% - -

1 Month 4% 12% 83% 1 Month 19% 25% 56%
3 Month . . 98% 3 Month 13% 5 86%
6 Month - 18% 81% 6 Month - 24% 66%
9 Month - 39% 59% 9 Month 24% 10% 65%
Ag,S NP Ag° Ag-Thiol  Ag,S Ag,S NP Ag° Ag-Thiol  Ag,S
I nitial - - 100% Initial - - 100%
1 Month . 29% 70% 1 Month . 25% 74%
3 Month - 13% 85% 3 Month - 2% 97%
6 Month - 13% 86% 6 Month - 19% 80%
9 Month - 13% 86% 9 Month - 35% 63%
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The Ag speciation in the Egeria tissue exposed to Ag,S NPs for all sample times is quite
similar to that for Ag®. However, there is no evidence of elemental silver in the plants taken
from mesocosms dosed with Ag,S. Since many plant species are known to synthesize metallic
silver NPs after being exposed to silver ions, the absence of Ag’ in the samples exposed to Ag,S
NPs may be a result of the lower ion concentrations expected for Ag,S compared to Ag®. The
Ag,S NP treatment did not show signs of toxicity to the Egeria in any of the sampling times

(Appendix C, Figure C.7).
4.4. Implications

Although these mesocosm experiments were not replicated, the findings of this case
study have many important implications concerning the fate of ENMs in natural wetlands and
freshwater ecosystems. Although the initial form of metal dosed was found to affect the
distribution and the metal speciation in the sediment and plant tissue even after nine months, all
treatments appear to be converging and becoming incorporated in the biogeochemical cycling of
metals. These findings suggest the metal ENMs tested are fairly labile and differences between

treatments will be erased over time.

This study provides relative timescales of transformations which can impact ENM fate
models by showing copper sulfide ENMs are more labile than silver sulfide ENMs which
indicates all metal sulfides do not behave the same. The initial weeks (perhaps days) after
dosing were found to be the most important timeframe to study transformations of pristine ENMs
in sediments. Although the pristine materials transform rather rapidly, longer lasting effects on
the water quality and health of the mesocosm can be observed at the 9 month sampling events.
Differences in the toxicity between treatments suggest sulfidized ENMs are less toxic than their
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pristine counterparts or dissolved ions. Additionally, with transformation in plant and sediments
being very different from each other, the seasonal decay of plant materials may reintroduce

ENMs to the sediments and lead to a longer term exposure risk than previously modeled.

Plants can slow transformation rates, and produce different transformation products
compared with the sediments. This suggests if ENMSs are taken into plant tissue, they are a more
persistent pollutant than previously thought. This highlights the importance of understanding the
uptake of ENM into plants and relative amount of plant biomass to assess the impact of ENMs

on natural systems and predict their environmental fate.

The uptake and persistence of ENMs into plant tissues has implications concerning the
use of aquatic plants as tools to phyto-remediate contaminated wetlands. Both labile and more
inert ENMs are shown to be taken into plant tissues in significant quantities. This result provides
further evidence supporting the use of aquatic plants for the remediation purposes even in the

cases involving nearly insoluble ENMs.
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Chapter 5

Conclusions

5.1 Summary

This dissertation highlighted the key differences between how pristine ENMs and their
sulfidized counterparts interact with plant tissue and behave in aquatic environments. These
significant findings were accomplished by conducting two laboratory-based exposures of Ag®
and Ag,S ENMs to a terrestrial plant and an aquatic plant species, and a simulated fresh water
mesocosm exposure of CuO, CuS, Ag® and Ag,S ENMs. Comparisons with metal ion exposures
were made to determine the novel behaviors of nanoparticulate species of these metals compared
to ionic forms of the metals. This research utilized synchrotron based high powered X-ray
imaging and speciation techniques conducted at two national laboratories to provide high
resolution information on the distribution and speciation of metals in the plant tissues. The
findings from these studies provide novel insights into the environmental fate of silver and

copper ENMs.

The primary objectives of this dissertation consisted of two parts. Part 1 quantified the
differences in silver uptake from three forms of silver (Ag+, Ag’-NPs, and Ag,S-NPs) in
hydroponically-grown alfalfa (Medicago sativa) and the duckweed species Landoltia punctata,
along with a qualitative elucidation and comparison of the mechanisms of uptake of these silver
forms. Part 2 determined the relative time scales of transformation for the introduced

nanomaterials (Ag’-NPs, Ag,S-NPs, CuO-NPs and CuS-NPs) in both the sediment and plant
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tissue, characterized the metal uptake and speciation in the aquatic plant Egeria densa exposed to
each of these nanoparticle species or to ions, and identified the impact of the initial chemical

form of ENM dosed on the final metal speciation after nine months.

5.2 Conclusions

The following is a summary of the major conclusions of this research, as they relate to

the objectives stated above.

5.2.1 Part 1

The pristine (metallic silver) and transformed (silver sulfide) ENMs distribute and interact
differently with plant tissues suggesting there are two mechanisms governing the uptake of silver

into plant tissue.

e The silver distribution in the roots of terrestrial and aquatic plants exposed to silver
sulfide ENMs were found to be in discrete clusters and not uniformly throughout the root
tissue suggesting the more insoluble ENMs primarily adhered onto the root surface and
the ENMs were taken up as intact nanoparticles.

e The distribution of silver in the roots from plants exposed to metallic silver ENMs shows
both discrete clusters and ubiquitous silver throughout the roots suggesting the silver is
likely being taken up through two routes: 1) adsorption of ENMs onto the root surface
followed by direct ENM uptake and 2) dissolution of ENM and uptake of soluble silver

throughout the root tissue.
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The silver distribution in the roots exposed to ionic silver only show ubiquitous silver
throughout the root tissue without discrete clusters indicating the presence of ubiquitous

silver throughout the roots is a result of the uptake of dissolved silver.

The attachment and uptake of ENM is not governed only by available metal ions suggesting the

less soluble and less reactive sulfidized ENM are as bioavailable as their pristine counterparts.

Total metals associated with the plant tissue exposed to the pristine and transformed
(sulfidized) ENMs showed comparable silver and copper concentrations. Although the
distribution of metals was shown to be different, the overall amount of metal associated
with the plant tissue was found to be similar; indicating the attachment of these ENM is
governed by the ENM properties such as the surface coating, surface charge and size
rather than the solubility of the ENM. Factors that influence attachment of the NPs to
roots may have more influence on uptake by plants than solubility of the NPs.

Direct evidence of nanomaterials was observed in the alfalfa root cells exposed to Ag’
and Ag,S indicating both types of ENM are bioavailable to the plants and become
incorporated into the root cell walls. Although other studies have shown comparable
particles in plant cells, the possibility of biosynthesized particles from dissolved silver
casts uncertainty on their findings. This research has shown direct evidence that the less
soluble ENMs are found in similar regions of the plant cells as their pristine counterparts

strongly suggesting that both are being taken up directly as intact ENMs.
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The speciation of silver associated with the duckweed tissue depended on the type of silver dosed

and there was more metallic silver associated with the plants exposed to AgNO3 than the

metallic Ag® ENM.

The silver from the AgNO; exposed duckweed transformed into metallic silver, likely
through an in-vivo bio-reduction process observed in many different plant species
exposed to ionic silver. Surprisingly, the silver from the Ag’° ENM exposed duckweed
was found to be a mixture of Ag,S, Ag® and Ag bound thiols. This may be a result of a
common plant response to heavy metals and a slower release of Ag+ ions associated with
the ENM treatment compared to the AgNOs.

The silver from the Ag,S ENM exposed duckweed remained primarily as silver sulfide
suggesting very little dissolution occurred and any silver internalized was likely taken up

as AgaS NPs.

5.2.2 Part 2

Transformations in the surficial sediment of pristine ENMs (CuO and Ag°) are rapid, on the

order of days to weeks. Transformations of sulfidized ENMs are slower than pristine ENMs, on

the order of weeks to months.

No CuO characteristic was found in the sediment one month after dosing and only a
small fraction (4%) of the initial Ag° remained as metallic at the one month sampling
indicating these pristine ENMs are very labile in the sediment.

The majority (>70%) of the Ag,S ENMs remained as silver sulfide through the nine

month exposure while the CuS ENM was completely transformed after three months.
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Silver sulfide is less labile than CuS suggesting that the availability of nanoparticulate

metal sulfides will be strongly dependent on the cation metal.

Transformations of ENMs in plant tissues are much slower than in surficial sediments indicating
uptake of ENMs by plants may create a more persistent and long-term contamination risk than

previously assumed.

e The presence of CuO speciation was found in the plant tissues of the mesocosm up to six
months after dosing, indicating particles which associate with plant tissues are
significantly more persistent than if they were to settle onto surficial sediment.

e Although all silver species rapidly transform into silver sulfide, the presence of metallic
silver in the Egeria exposed to Ag® ENMs throughout the study indicate the plants are
preserving Ag’.

e Silver sulfide ENMs primarily remain as silver sulfide in the plant tissue with minor

transformations into thiolated silver species.

Although the speciation of copper and silver is generally converging over time, the initial form of
the ENMs dosed was found to affect the speciation of silver and copper in the sediment and plant

tissue and the health of the mesocosm throughout the nine month study.

e Differences in the speciation of copper and silver was observed in both the sediment and
plant tissue nine months after exposure for the pristine and sulfidized ENMs. In the
surficial sediment, there were more copper sulfides and silver sulfides associated with the

9 month exposure to sulfidized ENMs compared to the pristine ones.
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The copper speciation in the sediment and plant tissues were found to be fairly labile and
generally converging, suggesting the copper is entering the biogeochemical cycling
process and will eventually converge to a similar speciation.

There are differences in the speciation of silver in the plants and sediment samples after
nine months: 1) the plants exposed to Ag® ENM still show metallic silver and 2) the
sediment exposed to Ag,S ENMSs have more Ag,S than the Ag® exposed. The difference
in silver speciation in the sediment and plant tissues indicates silver is partially labile.
However, seasonal cycling was not observed suggesting the sulfidation of silver is less
reversible than copper sulfidation.

High turbidity and increased plant mortality were observed for the pristine and ionic
treatments throughout the 9 months suggest the water quality and health of the Egeria

plants were less impacted by the sulfidized ENMs.

The most significant findings of this research are contained in the several original
contributions included in this dissertation. The most important finding is that, although Ag® and
Ag,S ENMs have dramatically different chemical properties, the total amount of Ag uptake of
silver into plants is similar and likely employs two different uptake pathways (direct NP uptake
and absorption of solubilized NPs). The association of these ENMs with plants was not governed
only by soluble silver for hydroponic exposures. The uptake may have been driven by the
properties which were similar between the particles such as surface coating, charge or particle
size. This study has also shown that although the initial speciation of the ENMs does affects the
fate of silver and copper in natural freshwater environments, the association of these metals with

plant tissue slows their transformation and may result in a longer persistence.
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5.3 Future Research Needs

Although this research has provided important understanding concerning the fate of pristine
and transformed ENMs in plants and fresh water ecosystems there remain several gaps in
knowledge requiring future research to fully understand and accurately model the fate of ENMs

in the environment.

The higher-than-expected persistence of ENMs in plant tissues, as identified by this
study, increases the importance of further research on the mechanisms by which these ENMs are
being passed onto other organisms, and potentially entering the food web, through trophic
transfer. Such research should be designed to improve understanding of the transfer of these
ENM internalized by plants into other organisms which feed on them. The long-term persistence
of ENMs in plant tissue suggests these ENMs will be able to be transferred throughout the food
web. Trophic level experiments should be conducted to test the hypothesis that these ENMS will
transfer between organism and provide a better understanding of risks imposed by these ENMs

on the environment and the food webs.

This research has shown the association of copper and silver from ENMs with plant
tissues does not appear to be governed by the solubility of the ENMs. With these results
suggesting the attachment of ENMs onto plant tissues is likely governed by surface charge,
coating and particle size, additional studies should be conducted to test this hypothesis. The
attachment and distribution of ENMs with different sizes and coating should be investigated
using XRF mapping, nano-computed tomography and TEMs imaging to determine what is

governing the attachment and uptake of the ENMs.
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This research has highlighted the importance of investigating the both the pristine, as
manufactured, ENMs and potential transformation products which will likely be introduced to
the environment. It is evident that speciation must be considered because it can affect the
uptake, distribution and fate of ENMs in the environment. Accordingly, the lack of knowledge
regarding the increasing number of commercial ENMs which can transform and generate a vast
array of products is troubling. The transformed ENMs have been shown to be less toxic due to
increased stability leading to longer persistence in the environment. Assuming the initial
speciation will affect the toxicity, fate and transport of ENMs in the environment; future studies
should investigate all relevant transformed species to sufficiently understanding of how these
materials behave in the environment. Many previously conducted studies involving toxicity,
mobility, transformations and fate of ENMs should be reinvestigated with focus on the most

relevant transformation products.

Although many studies have investigated how ENMs behave in laboratory systems, the
understanding of how ENMs behave in complex environments remains limited. A large amount
of research has investigated the uptake of ENMs into plants through hydroponic exposures,
which are expected to overestimate the toxicity and bioavailability compared with soil-based or
complex mesocosm-scale exposures. Further studies utilizing environmentally relevant soil

media should be conducted to determine how ENMs behave in relevant agricultural scenario.

Further mesocosm-level experiments with more frequent sampling intervals, especially
during the first weeks and months, are needed to produce accurate transformation rates in both
sediments and surficial sediments which will ultimately be utilized in ENM fate models.

Additionally, the transition between the anoxic and aerobic zones of the surficial sediments
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should be further investigated to better understand how the transformations are occurring as a
function of sediment depth. Synchrotron-based XRF mapping and speciation techniques should
be utilized on frozen sediment cores to produce speciation profiles and better characterize the

transformations in the surficial sediment layer.

Investigations concerning the long term environmental persistence of other ENMs,
including more labile (ZnO) and more inert (CeO,, AlO3, TiO, and SiO,) ENMs using
mesocosm scale studies would help our understanding of the risks these ENM pose to the
environment. Mesocosm scale studies which can bridge the controlled laboratory exposure
studies and the complexities of real environmental exposure are particularly valuable. Many
water quality and chemistry parameters (e.g. metal concentration, turbidity, presence of ENMs
etc.) should be carefully monitored to more fully understand the complex environment in
mesocosm experiments. Many types of mesocosms should be explored (flowing rivers, coastal
estuaries, oceans etc.) to better characterize how ENMs will behave in the different environments
they will likely encounter. Additional studies in realistic mesocosm and soil-based exposure of
ENMs to plant should be conducted to test the hypothesis that, although hydroponic and
laboratory experiments can provide valuable insight into the interactions between ENMs and
plants, realistic exposure scenario are needed to accurately model the complexities of natural

systems.
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Chapter 6

Appendices

6.1 Appendix A. Supporting Information for Chapter 2

SUPERNATANT NANOPARTICLES
Control AgNO, Ag;&*NPg} Ag(0) NPs Ag,S NPs Ag(0) NPs

—a

Figure A.1 : Photograph of the alfalfa plants in their holders. Notice the increased mortality and
stunted growth in nano-Ag(0) and AgNO3z compared to other treatments with lower filterable
silver concentrations. Hormesis (increased growth) can be observed in the supernatant.
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Figure A.2: Silver (X axis) vs Sulfur (Y axis) fluorescence count correlation plots for the
samples exposed to AgNO; (left), nano-Ag(0) (middle) and nano-Ag,S (right), with populations
identified as high (blue) medium (green) and low (red) Ag:S ratio.
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Figure A.3: Diameter size distribution of freshly synthesized nano-Ag(0), A; and nano-Ag,S
nanoparticles, B. The diameter of the particles was determined by quantitative image analysis
(software: ImageJ 1.0) of transmission electron micrographs as shown in C, nano-Ag(0); and D,
nano-Ag,S. The particles analyzed here were taken from a suspension in half strength
Hoagland's medium.
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Figure A.4 :Nano-Ag(0) (left) and nano-Ag.S (right) X-ray powder diffraction spectra after drying at 50C with fitted to the reference

spectra of metallic silver and acanthite (Ag.S) .
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Figure A.5: Control alfalfa root tip with Ag/S correlation plot with bi color, which shows
potential auto-correlation. The background silver signal, attributed to the fluorescence of argon,
is on the order of 100 counts per sec and remains similar for the plant tissue analyzed, suggesting
no silver is present in the tissue of control plants.

115



15

16
17
18

0.0|

11.0 pm BF C————————05um AglL

—

Figure A.6: Map of Ag in the cytoplasm of alfalfa exposed to nano-Ag,S. Left: Transmission
electron microscopy image. Right: Same area mapped by energy dispersive X-ray spectroscopy
showing evenly distributed Ag hotspots between 1-10 wt%.
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Figure A.7: Transmission electron microscopy micrograph showing a magnified lipid body of a
control root cell of Alfalfa (Medicago sativa). The spherical electron dense (i.e. dark) region
outlines the structure of the lipid body. Note the highly electron dense particles in the cytoplasm
(highlighted by peach broken lines, likely Si as observed by energy dispersive X-ray
spectroscopy in comparable regions of the cytoplasm).
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Figure A.8: Transmission electron microscopy (TEM) coupled with energy dispersive X-ray
spectroscopy (EDS) of particles in the cytoplasm of alfalfa exposed to nano-Ag,S nanoparticles.
A: Phase contrast image of aggregates in the cytoplasm. The aggregates can be seen in the phase
contrast image as dark spots. The line scan shows elevated signals of Si and O. B: The energy
spectrum of the same region as in A shows a strong Si peak. C: Mapping shows that Si is
concentrated on all but one aggregate in the cytoplasm, whereas no aggregates of Ag are visible.
D: Oxygen is concentrated, too, on the nano-sized aggregates, confirming the presence of Si in
the form of nano-SiyOx.
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38  Figure A.9: Light micrograph image of root tip used to generate the outline in figure 2.

39

119



40

41

Table A.1 (continued next page): Size distribution of the particles in
suspension as determined by dynamic light scattering (DLS,
continuation next page). The particles were suspended in half strength
Hoagland's medium. Only the peaks with maximal intensity are shown.

Filtered® n® (-) Size + Stdev '”tgg‘;’ity
100 nm size standard® yes 1 9% =+ 23 100.0
ultrapure water yes 1 -+ - -
Hoagland's medium® yes 1 (727 = 130) (100.0)
nano-Ag(0) no 3 116 + 44 92.0
yes 3 116 = 29 93.1
nano-Ag,S no 3 (12.8 = 3.7) (97.9)
yes 3 16 + 13 100.0

%Filtered through a 0.45 pm polytetrafluorethylene (PTFE) filter.
®Number of replicated measurements. ‘Certified latex standard (Izon,
USA) to validate instrument performance. “Half strength.
*Measurements with a polydispersity >0.35 are shown in brackets
because highly polydisperse samples, especially if unfiltered, are not
accurately measurable using DLS.
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Table A.1 continuation: Size distribution of the particles in suspension as determined by
dynamic light scattering (DLS). The particles were suspended in half strength Hoagland's

medium.
Diffusion Count Dcecr)'ﬁtd
Filtered® n° (-) Coefficient Rate f Pdl (-)
(Ws)  (keps) e
(kcps)
100 nm size standard® yes 1 4.75 415 9,438 0.01
ultrapure water yes 1 - - - -
Hoagland's medium® yes 1 (0.42) (167) (1,506) (0.52)
nano-Ag(0) no 3 4.19 248 68,670 0.28
yes 3 6.52 405 32,117 0.31
nano-Ag,S no 3 (2.17) (473) (473) (0.42)
yes 3 7.10 469 469 0.26

*Filtered through a 0.45 um polytetrafluorethylene (PTFE) filter. "Number of replicated
measurements. “Certified latex standard (Izon, USA) to validate instrument performance.
Half strength. ®Measurements with a polydispersity >0.35 are shown in brackets because
highly polydisperse samples, especially if unfiltered, are not accurately measurable using
DLS. 'Note that the derived count rate is a function of the particle type and therefore only
proportional to particle concentration for particles of the same kind.
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Table A.2: Diameters of electron dense particles and aggregates measured by transmission electron
microscopy in different cell compartments of the root tip. Underlined values were significantly
different from the same particle type in the control (One-way analysis with unequal variances, Levene
statistics p<0.001, Dunnett's C post-hoc analysis at a 95% significance level). Italicized values are
particles that were exclusively present in exposed plant cells.

Diameter (nm)

Treatment Particle Morphology N

Average Median Stdev Min Max
Control Cytoplasm Particles 52 7.9 7.1 3.1 29 15.3
Vacuole Aggregates 45 61 39 53 10 243
AgNO3 Cytoplasm Particles 66 7.9 8.0 3.9 15 17.9
Cytoplasm Aggregates 49 33 29 18 12 90
Cytoplasm + Vacuole Round 41 102 77 61 32 278
Particles
nano-Ag(0) Border Cell Adsorbed 62 74 72 17 33 133
Particles
Cell Wall Particles 46 2.52 2.43 0.83 1.25 4.78
Cytoplasm Particles 63 9.9 9.2 4.9 1.0 30.1
Cytoplasm Aggregates 8 55 51 17 32 86
Vacuole Aggregates 26 74 54 48 22 209
nano-Ag.S Border Cell Adsorbed 68 84 76 34 32 205
Particles
Cell Wall Particles 81 2.54 2.55 0.77 0.93 4.94
Cytoplasm Particles 38 17.2 14.7 7.8 6.6 36.9
Cytoplasm Aggregates 17 96 112 35 49 164
Vacuole Aggregates 44 230 187 189 17 794
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Table A.3: Maximum x-ray count attributed to Ag for K-edge XRF map (Figure 2) and attributed to Ag
and S the L-edge Ag XRF map (Figure 3).

Fig 2 Ag Counts  Fig 3 Ag counts Fig 3 S counts

Ag(0) 1837 637 1042
Ag2S 3406 1117 1459
AgNO3 N/A 4571 914
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6.2 Appendix B. Supporting Information for Chapter 3

Figure B.1. Duckweed cultures being exposed to NP suspensions in an aluminum tray inside a
standard fume hood. Holes in the cover pan on the right are for cool fluorescent lights (not
shown). The blue tubes are disposable spatula inserted as structural supports.
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Figure B.2. Zinc specific XRF maps of 24h (top) and 60h (bottom) duckweed roots exposed to
AgNO; (left), Ag’-NPs (middle) and Ag,S NPs (right). Please note the scale was internally
calibrated.
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Figure B.3: Transmission electron microscopy (TEM) images of the first batch of the silver
nanoparticles (Ag°-NPs) under investigation. Left: polyvinylpyrrolidone coated Ag’-NPs. Right:
Sulfidized Ag,S-NPs.
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Figure B.4. Number-weighted size distributions and autocorrelation ntions for the Ag,S NPs
in % strength hutners media after Oh (top) and 48 hours (bottom).
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Figure B.5. A cartoon of the region of interest in the Ag2S exposed duckweed sample (top), the
Zn specific map for comparison and orientation (middle) and the silver specific map (bottom)
showing very little silver on the frond or in the upper root.
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Figure B.6. Micro-XANES mapping of two spots on the Ag,S-NPs exposed root sample.
Spectra generally confirm the presence of Ag,S, but there is also some evidence of Ag° on root
tip spot 1 as noted by the elevated signal at ~25,545 eV. Note that the possibility of photo-

reduction by the beam cannot be completely ruled out for this map (taken at room temperature).
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Table B.1. Model Compounds used for XAS analysis

Ag’

Ag,S
Ag-Cysteine
AgO

Ag,CO; AgBr
Ag-Acetate AgCl
AgPO, Agl
Ag,0
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Table B.2. Maximum fluorescence count associated with Ag (min and max count used for
scaling)

AgNO; Ag’ Ag,S

24hours 5906 9256 19646
116 2228 1475

60hours 8897 3246 714
74 39 83

Note that the maximum counts is more affected by the distribution of Ag in the plants rather than
the total mass of Ag taken up. For example, the presence of clusters of Ag,S nanoparticles leads
to a larger maximum count than either AgNO; or Ag®-NPs even though there is more total silver

in the AgNOs.
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6.3 Appendix C. Supporting Information for Chapter 4

Figure C.1. Image of surficial sampling device using a modifidied falcon tube and two tubes.
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Figure C.2. Depiction of sampling locations of surficial sediment
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Figure C.3.A) XRD spectra of Ag2S NPs and Ag® NPs. Collected using a Cu-anode with
indicators for peaks matching (a): acanthite (Ag,S) and (b): metallic silver (Ag®) . B) XRD
spectra of CuO and CuS NPs collected at SSRL’s 11-3 and indicators for peaks matching to (a):
tenorite (CuQ), (b): copper carbonate hydroxide (CuCO3;0OH), (c): Covellite (CuS) and (d):
Brochantite (CusSO4(OH)g)
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Figure C.4. Additional TEM images showing spherical and rod-like particle morphologies found
in the Cus particles.
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Figure C.5. Historical weather data for Durham, NC obtained from weather underground,
showing 3 day floating average temperature in C (red) and cumulative rainfall in cm (blue).
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Figure C.6. Oxygen profiles measured on sediment cores collected during the 3 month sample
event using a microprobe within 1 hour of sampling.
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Figure C.7. Images of mesocosm boxes taken at the 1 month, 6 month and 9 month sampling
events. Notice the deterioration of the Egeria in the CUNO3, CuO and Ag® boxes as well as the
lack of plants in the 9 month exposed to CuNOs.
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Table C.1. Summary of model compounds used for XANES fitting along with the simplified

bonding environment used for explaination of fits.

Silver Reference Simplified

Ag°’ NP
Ag,S NP
Ag-Cysteine
AgO
Ag,CO,
Ag-Acetate
AgPO,
Ag,0

AgBr

AgCl

Agl

Ag0
Ag,S
Ag-Thiol
AgO
Ag,CO;
Ag-Acetate
AgPO,
Ag,0
AgBr
AgCl
Agl

Copper Reference Simplified

cu’

CuS NP
Covelite
Chalcosite

Cu-Cysteine

Cu-Glutathione

CuO NP

Cu-Humic Acid

Cu-Histidine
Cu-FeOOH
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cu’
Cu-S
Cu-S
Cu-S
Cu-S-R
Cu-S-R
Cu-O
Cu-O-R
Cu-O-R
Cu-O-R

Copper Reference Simplified

CuNO,
Cu;(PO,),
CuSO,
CuCO;(OH)

Azurite
Malachite
Cucl
Chalcopyrite
Cu,0

CuNO;,
Cu3(POy),
CuSO,
CuCO;(OH)

CuCO3(OH)
CuCO3(OH)

CuCl
Cu-O-Fe
Cu,O



Table C.2. DLS characterization of Ag0 and Ag2S NPs in DI water.

Conc for ZP, Mob, Cond, pH
avg Z-ave diameter (nm)

Z-ave std dev

avg Pdl

Pdl std dev

avg Int-weighted dia (nm)
Int-weighted std dev

avg Vol-weighted diameter (nm)
Vol-weighted std dev

avg Num-weighted diameter (nm)
Num-weighted std dev
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200 ppm

104.07
2.69
0.334
0.055
160.37
4.50
54.97
8.11
24.89
1.37

200 ppm
71.54
0.84
0.252
0.009
93.79
1.94
51.21
1.81
34.28
1.77



Table C.3. Table of DLS and Zeta potential characterization in filtered

mesocosm porewater reproduced from Moore et. al. (Moore, Stegemeier et al.
2016).

Table 1. Nanomaterial Suspension in Filtered Mesocosm Porewater Characterization and DLS and Zeta Potential (ZP)
Characterization”

ENM pH  specific conductance (4S/cm)  estimated I (mM)  primary particle diameter (nm)  hydrodynamic diameter (nm)  zeta potential (mV)

Ag“ 73 114 + 1.4 1.6 4.67 + 14 113 + 94 —222+ 1.5
Ag,S 7.2 101 + 0.82 1.4 18.1 £ 3.2 61.5 + 0.37 =258 £ 25
Cu0 7.0 70.8 + 0.16 1.0 31+ 12 236 + 11 —252+ 14
CuS 7.1 748 £ 021 11 124 + 4.1 185 £ 11 —2L.6 £ 0.70

“Values are expressed as mean + one standard deviation (SD). Ionic strength (I) is estimated from specific conductance according to the approach
described by Marion & Babcock for mixed salt solutions.”* ZP was calculated from measured EPM data using the Smoluchowski equation.
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Table C.4. Cu XANES fitting results for Egeria and surficial sediments. Presented with the R-
factor (goodness-of-fit) parameter for fits from -25 to +100 ev of the edge.

Egeria

CuO NP Covelite Chalcosite

1 month
3 month
6 month
9 month

CuS NP

1 month
3 month
6 month
9 month

CuNO3

1 month
3 month
6 month

Sediments

22%

19%
19%
19%
48%

35%

28%

CuO NP Chalcosite CuS

1 month
3 month
6 month
9 month

CuS NP

1 month
3 month
6 month
9 month

CuNO3

1 month
3 month
6 month
9 month

39%

41%

17% 31%

Chalcosite CusS

14%

6%

Chalcosite CusS
13%

13%
6%

Cu-GSH  Cu-Cyst

30%

35%
35%
12%

Covelite
74%

60%

35%

31% 33%
3% 35%
51%

47%

17%

52%

38%

14% 19%
18% 30%
9% 39%

Cu-Humic Cu-Histidine

13%
57%
22%

33%
43%
24%
52%

Cu-Humic Cu-Histidine

24%
65%
24%

35%

94%

Cu-Humic Cu-Hist

42%

35%

42%
32%
68%
53%
52%

Cu-Metal

15%

13%

Covelite Cu-Cyst Cu-Humic Cu-Histidine Cu-FeOOH

12%

11%

61%
71%
58%
85%

14%
30%
17%
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10%

CuO-NP Rfactor

7.41E-05
4.20E-05
7.38E-05
7.12E-05

9.11E-05
7.89E-05
3.15E-05
2.64E-05

2.63E-05
2.70E-05
2.85E-05

R factor
4.91E-05
8.91E-05
3.25E-05
0.000308

1.98E-05
4.29E-05
2.25E-05
6.15E-05

2.83E-05
3.76E-05
2.82E-05
4.30E-05



